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SUMMARY
There are currently no bioelectrical probes that are able to provide long-term electrical
connections to a large population of single cells in the body. The challenge is multi-faceted:
engineering an array of subcellular probes that are long, thin, mechanically flexible, elec-
trically conductive, biochemically stable, and can be routed to individual target cells in a
hostile, 3D tissue matrix. Conductive polymers have extraordinary properties that could
enable the design of a bioprobe that meets many of these requirements simultaneously.
The principal advantage of conductive polymers is the combination of their mechanical
flexibility, electron conductivity, and efficiency in converting electrons to electric fields
in electrolyte solutions. Conductive polymers have historically always been employed as
films, but a synthesis method developed by Flanders et. al. yields high-aspect ratio polymer
wires with dimensions ranging from 150 nm to 10 µm in diameter and up to millimeters in
length. The research presented here investigates conductive polymer microwires for local
electric field generation at the single cell level. This work focuses on experimentally char-
acterizing the electrical properties of these wires and their ability to generate local electric
fields for single cell stimulation. The advantages and limitations of their performance are
identified in light of the ideal bioelectrical probe. The results are used to build a simulation
model that can predict local electric field generation by current conductive polymer wires
as well as wires with different shapes and enhanced material properties. The current work
concludes that the conductivity of conductive polymers is not sufficient to permit the use
of small, flexible wire sizes (smaller than 2 x 27 µm) to electrically stimulate single cells.
Although conductive polymers are not suitable for electron conduction, their extremely low
surface impedance makes them the best material for converting electron current into ionic
electric fields at small scales. Thus, conductive polymers do not overcome all the chal-
lenges of electrically wiring every cell in our brain, per se, but they do have a critical niche




Complete measurement (recording) and control (stimulation) of every neuron in the brain
simultaneously is the ideal scenario for understanding and treating the brain. However, it is
difficult to even imagine a plausible means by which to achieve this goal when considering
the number of neurons and their physical dimensions. There are about 86 billion neurons
in the average human brain [1]. Each of these cells are about the diameter of a human
hair. These cells form circuits and networks that give humans the ability to do everything
from storing memories to initiating muscle contraction. Abnormalities in the brain can lead
to dysfunctional behaviors such as tremors in Parkinson’s disease patients, chronic pain, or
depression. But, we do not know which cells or circuits are responsible for these abnormal-
ities. Therefore, both our ability to treat and understand these brain dysfunctions requires
the ability to control and probe individual neurons in the brain on a large scale in vivo.
There is currently no method to achieve this due to the long list of challenges in electrically
interacting with several individual cells in human brain tissue. The challenges originate
from biological, mechanical, or electrical constraints that are inter-dependent [2]. The vast
majority of approaches that have been developed so far only focus on addressing one or
two of these constraints. This introduction will provide a brief overview of bioelectricity,
methods of probing and controlling the brain, and conductive polymers for neural stimula-
tion. Although the discussion here will focus on stimulation, it is worth noting that there
is a great deal of overlap between research on electrodes for cell stimulation (i.e. send-
ing signals) and cell recording (i.e. receiving signals), especially from a biocompatibility
perspective.
1
1.1 Bioelectrical interface overview
Much of what is known about the brain has been compiled by several different tools used
for measuring and inducing signals in the brain. These techniques interact with the brain
either via contact (tissue implanted) or non-contact (ex vivo) methods. Almost all of these
techniques are exclusively based on electromagnetic energy including electric fields, light,
and magnetic fields. Contact methods sacrifice invasiveness for high resolution by pene-
trating tissue and interacting with neurons through locally generated fields. Non-contact
methods are largely noninvasive and use fields to interact with brain cells from outside of
the body. The advantage of non-contact methods is that they are noninvasive and also high-
throughput, but they have poor resolution. A brief overview on the bioelectrical nature of
cells and how external fields can stimulate cells is discussed first. Current technology for
invasive and noninvasive neural devices follows.
1.1.1 Cell membrane potential
Electrical signals between cells generally originate from changes in the electrochemical
voltage potential across the cell membrane. The membranes of electrically-active cells such
as neurons and cardiomyocytes contain chemical-gated and voltage-gated ion channels.
Each channel controls the passage of specific ions. This semi-permeable barrier along with
ion pumps allows cells to control ion concentration gradients between intracellular and
extracellular solutions. Much like a battery, a difference in ion concentration across the
cell membrane generates a voltage and is called the membrane potential. The magnitude










where E is the electrochemical potential, R is the gas constant, T is temperature, z is the
charge of the ionic species, F is Faraday’s constant, andCin andCout are the concentrations
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of a given ion inside and outside of the cell, respectively. Thus, the cell membrane potential
can be controlled by changing the local ion concentration on the inside or the outside of the
cell. Changes in membrane potential is the basis for cellular electrical communication.
1.1.2 Biological action potentials
Cells electrically communicate in a digital fashion by modulating their membrane potential
between -70 mV (stable, resting state) and +35 mV (unstable, depolarized state) [3]. The
exact voltage potentials vary between cell types and individual cells, but these values will
be used here as an example. These digital potential states are analogous to modern digi-
tal electronics, which use the binary states 0 and 1 for communication. Also like digital
electronics, there is a threshold voltage (near -55 mV) at which the membrane potential
will assume either of these states. At any voltage below -55 mV, the membrane potential
will return to its resting state (-70 mV). At any voltage above -55 mV, voltage-gated ion
channels in the cell membrane open to electrochemically ”short” the cell membrane. The
membrane potential will transiently depolarize to +35 mV and then return back to -70 mV.
This transient signal pulse or potential spike is called an action potential (Figure 1.1). Sig-
nal transmission occurs when the action potential of one cell causes ion channels to open
in nearby cells to propagate the action potential signal. The sites of interaction between
neurons occurs at junctions called synaptic clefts. During signal transmission, an action
potential in the transmitting cell (pre-synaptic neuron) reversibly releases signal molecules
known as neurotransmitters into the synaptic cleft nano-environment. Neurotransmitters
from the transmitting cell bind to and open receptor-gated ion channels ion channels on the
receiving cell (post-synaptic neuron) to propagate the action potential signal. A single cell
can propagate an action potential signal to several neurons simultaneously. It is estimated
that are about 100 trillion of these connections between neurons in the human brain.
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Figure 1.1: An illustration of a typical neuron action potential shape. Once the voltage rises above -55
mV, sodium ion channels open to depolarize the cell. Ion channels subsequently open to release intracellular
potassium and re-polarize the membrane back to its resting state (-70 mV).
1.1.3 Artificially-induced action potentials
Our ability to control neuron stimulation hinders on our ability to mimic the initiation of an
action potential by sufficiently depolarizing the cell membrane potential. The fundamental
goal is to open and close ion channels in the cell membrane of an individual cell. Mem-
brane depolarization can be achieved by increasing extracellular potassium concentration,
locally release neurotransmitters, or incorporating more ion channels in the cell membrane.
These strategies mimic actual biological stimulation but cannot easily target a single cell in
vivo due to diffusion. Electrodes have become the standard method of single cell stimula-
tion because they are capable of transiently changing local ion concentrations using electric
fields. Since the cell membrane potential depends on both the intracellular and extracellular
concentrations, electrodes can stimulate cells from either side of the cell membrane. This
research focuses on extracellular stimulation due to the complexity in integrating electrodes
into the cell membrane [4, 5]. Significant work on the theory and modeling of extracellular
stimulation with electrodes was developed by Rattay et. al. who applied cable theory to
axon stimulation [6, 7]. The cable model was originally developed for modeling underwa-
ter submarine telegraphic transmission lines. For neurons, the model assumes axons are
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Figure 1.2: Equivalent circuit for 1-dimensional cable theory to model membrane potential along a cylin-
drical axon where Ve, n is the extracellular potential, Vm is the cell-generated potential, Rm is the cell mem-
brane resistance, Cm is the cell membrane capacitance, and Ri is the intracellular resistance along the axon.
Membrane potential is solved at discrete intracellular points Vn.
cylindrical membranes that can be modeled as a passive, 1-dimensional equivalent circuit
network. The membrane is treated as a series of resistors and capacitors in parallel, while
the intracellular space is modeled as a series of resistors as shown in Figure 1.2. where
Vm is the resting cell membrane potential, Rm is the cell membrane resistance, Cm is the
cell membrane capacitance, and Ri is the intracellular resistance along the axon. Kirchoff’s
current law is used to solve for membrane potential at discrete intracellular points Vn along
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where Vn is the reduced membrane potential, cm is the specific cell membrane capacitance,
d is the axon diameter, x is the position coordinate along the axon, ρi is intracellular re-
sistivity, L is the active length of the membrane, Ve,n is the external potential, and iionic,n
is the current at the nth node. The time-dependent nature changes in the various ion chan-
nel conductance during changes in membrane potential can be accounted for using the
Hodgkin-Huxley model [8]. For a long, straight unmyelinated axon, the extracellular po-
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which is known as the activation function [6, 7]. When this function is positive, depolariza-
tion of the membrane occurs, which is necessary to raise the membrane potential above the
action potential threshold. Therefore, the second partial spatial derivative of the extracellu-
lar potential along membrane of an axon is generally the quantity of interest for generating
a field capable of cell stimulation, although modifications may be required for studies on
cells with different shapes, stimulation frequencies, or media conditions [9–12].
Research work has also focused on simulating and modeling of extracellular electrode
properties with respect to the generation of electric fields. Yvert et. al. has published
excellent work in modeling extracellular fields and cell responses with a focus on the elec-
trode properties [13–16]. An under-appreciated point of their work was the need for a
Robin boundary condition at the electrode/electrolyte interface to accurately model the
true potential field generated by electrodes [15]. The resulting potential fields predicted
with the inclusion of this boundary condition have also been experimentally verified [14].
A robin boundary condition is defined by two other types of boundary conditions called
Dirichlet and Neumann boundary conditions, which specify a value and derivative at the
boundary. Effectively, a Robin boundary defines the voltage drop that occurs at the elec-
trode/electrolyte interface. The physical origin of this phenomenon is due to the capacitive
and resistive electrochemical behavior at a charged surface in an ionic solution. The term
used for this type of impedance is called surface impedance. The most direct way to mea-
sure surface impedance for various materials is electrical impedance spectroscopy (EIS).
EIS measurements apply voltage potentials to the electrode at typical frequencies from ∼1
Hz to as high as 100 kHz. The spectrum can be plotted to in a Nyquist plot and fit us-
ing equivalent circuit models to assign values to physical quantities such as surface charge
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capacitance and charge transfer resistance. Surface impedance depends on the material,
charge transfer mechanism, surface roughness, and electrolyte solution. A higher charge
storage density (or charge injection capacity) is typically associated with a low surface
impedance.
Most cells do not have perfect, straight cylindrical features and electrodes are not ide-
ally polarizable and generate electric fields that depend on a multitude of conditions. There-
fore, experiment and modeling studies are both needed to develop an understanding of the
fields that electrodes generate and the response of cells in those fields. Bioelectrical stimu-
lation becomes further complex in a biological environment. Current methods of stimulat-
ing and recording neuron signals have had moderate success but still have many limitations
that hinder our ability to effectively treat and understand the brain.
1.2 Noninvasive methods
1.2.1 Recording
Obtaining an electroencephalogram (EEG) is the simplest noninvasive technique for record-
ing brain activity. It uses electrodes on the subject’s scalp that can measure activity in areas
of the cerebrum of the brain. EEG is the primary method of identifying patients with
epilepsy [17]. Because this method relies on the placement of electrodes on the outside
of the skull, there is a lack of spatial accuracy, resolution, and depth [18]. In contrast, a
technique called functional magnetic resonance imaging (fMRI) can acquire full images
of the brain that report activity in regions of the brain in an awake human subject. The
combination of high throughput and ∼1 mm3 resolution enables this technique to identify
patients with a variety of brain dysfunctions from attention deficit hyperactivity disorder
[19] to Alzheimer’s disease [20]. The drawbacks of fMRI is the need for high magnetic
field strengths and expensive equipment. Both of EEG and fMRI are useful for diagnostics,
but they lack single cell resolution to elucidate a deeper understanding of the brain. For ex-
ample, each pixel in a fMRI image is called a voxel and is defined as a 1 mm3 cube. There
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are about 100,000 neurons in each voxel, but it has been shown that even a single neuron
can affect behavior [21]. Therefore, there is a need for tools that can interact with the brain
at a single cell level.
1.2.2 Stimulation
In general, noninvasive brain stimulation (NIBS) has been around for almost four decades
[22]. Yet, the variety of non-contact methods to stimulate cells are few because fields are
difficult to control at very far distances from target cells. The two most common methods
are transcranial magnetic stimulation (TMS) and transcranial electrical stimulation (tES).
TMS uses electromagnetic induction to induce electric fields in the brain whereas tES di-
rectly generates electric fields in the brain. Both of these methods lack spatial and temporal
resolution for the same reasons as EEG and fMRI. Additionally, these methods are only
effective near the primary motor cortex [18] and can not be used for deep brain stimu-
lation applications. A recent study demonstrated a method the authors called ”temporal
interference” that used the frequency of generated electric fields to stimulate neurons in the
hippocampus [23]. This technique is similar to the way two-photon microscopy confines
fluorescence excitation. This research shows promise for deeper penetration of NIBS meth-
ods, but it has not been attempted in humans. NIBS techniques are not yet capable of single
cell stimulation and have only recently demonstrated the ability to stimulate deeper into the
brain. Clever methods of manipulating applied fields might improve spatial resolution and
depth in the future.
1.3 Hybrid methods
It is logical to briefly discuss methods that bridge the gap between invasive and noninva-
sive techniques. The most promising example is the use of nanoparticles to help localize
electric field stimulation around target neurons. Nanoparticles have been explored for a
variety of applications in vivo including cancer treatment and drug delivery [24, 25]. A
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useful property of nanoparticles is their interactions with fields. Nanoparticles convert
energy absorbed from a field into energy for cell stimulation (membrane depolarization).
Nanoparticles composed of gold, polymer, semiconductors, and iron have been used to lo-
cally stimulate neurons [26]. For example, it is well-known that gold nanoparticles have
plasmons that are capable of transducing infrared light into thermal energy. Gold nanoparti-
cles that are bound on target cells can then locally activate thermally-activated ion channels
to induce cell depolarization [27]. Magnetic nanoparticles, such as iron oxides, can simi-
larly stimulate cells but instead use magnetic fields [28]. Semiconductor nanoparticles have
potential to both record and stimulate neurons due to their photocurrent properties [29, 30].
Nanoparticles can facilitate localized stimulation of individual cells but are less invasive
than implanted electrodes. However, the success of this technique depends on the ability to
deliver and localize nanoparticles to target cells in the brain. Nanoparticle delivery through
the blood brain barrier is a challenge [31, 32], let alone neuron targeting. Additional re-
search also needs to assess long-term health effects of nanoparticles in vivo. The concept
of localized nanoparticle stimulation is nonetheless very promising since it avoids many of
the biggest challenges faced by implanted electrodes.
1.4 Invasive methods
Tissue-implanted electrodes are currently the standard for deep brain stimulation treatments
for brain dysfunctions such as Parkinson’s disease. Voltage or current stimulus pulses ap-
plied to implanted electrodes generate localized electric fields to stimulate cells in close
proximity to the electrode surface. This method is currently the most feasible for deep brain
stimulation because the electrode is placed near the targeted region in the brain. In contrast
to NIBS, the close proximity of the stimulation source decreases the distance that fields
need to penetrate to reach their target. However, the physiological tissue environment is
hostile. Human brain tissue is extremely sensitive to foreign materials and unnatural trauma
(e.g. electrode implantation). The number of constraints imposed on the stimulation source
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for compatibility in the tissue environment are numerous and inter-dependent. The follow-
ing discussion will focus on implanted electrodes for cell stimulation. Implanted recording
electrodes are only briefly discussed because they share many of the same challenges that
stimulation electrodes face due to implantation and interactions with living tissue. Record-
ing electrodes are also relevant since current research is trending towards multifunctional
electrodes capable of both recording and stimulating neurons for close-loop bioelectrical
interfaces.
1.4.1 Recording
The major difference between recording and stimulation electrodes is that recording elec-
trodes are passive. Recording is achieved by placing an electrochemically sensitive elec-
trode surface near a target cell. When the target cell undergoes an action potential, the
extracellular and intracellular ion concentrations rapidly change ( < 1 ms for neurons and
> 100 ms for cardiomyocytes). Changes in ion concentration shift the electrochemical po-
tential at the recording site interface, which induces a small current signal in the recording
electrode. Current signals are then amplified and converted to voltage readings that corre-
spond to electrochemical potential measurements either inside or outside of the cell. Per-
haps the most important parameter for designing recording electrodes is their electrical and
electrochemical impedance. Recording electrodes with a lower impedance are preferred
because the measured voltage signal is attenuated by high impedance, which is dictated by
Ohm’s Law for alternating current (AC) circuits:
V (Ω, t) = Z(Ω, t)I(Ω, t) (1.4)
where V is the electrical voltage, Ω is the frequency of a sinusoidal stimulus, t is time, Z
is the electrical impedance, and I is electrical current. Higher impedance values decrease
the measured voltage signal leading to a reduced signal-to-noise ratio (SNR). Noise is a
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significant issue since extracellular potential measurements can be as low as a few µV for
an action potential. Therefore, the total impedance is usually reported as the metric for
effective recording electrodes. Total impedance not only consists of electronic resistance
of the electrode, but also surface impedance at the electrode-electrolyte interface. Surface
impedance can be improved (decreased) by using alternative surface materials and increas-
ing electrode surface area. More on surface impedance will be discussed later. SNR can
also be improved by placing recording electrode sites as close to the membrane of the
target cell as possible. Some electrode designs have incorporated lipid layers to achieve
transmembrane placement, which is the ideal configuration for high SNR measurements
[4, 5, 33, 34]. However, these designs typically require complex fabrication methods and
are not yet practical for in vivo implementation.
1.4.2 Stimulation
Recording electrodes are constrained by total electrical impedance and their ability to be
placed in close proximity to the cell of interest. The same constraints apply to stimula-
tion electrodes. Many of the challenges faced by recording electrodes are also faced by
stimulating electrodes due to the effects of implantation trauma and the hostile biological
environment. However, these challenges are amplified for stimulation electrodes since they
are electrically driven devices. Electrochemical stimulation continually perturbs the bio-
logical environment and is always irreversible to some extent. This inherently exacerbates
the tissue response and leads to chronic stability issues. The biocompatibility obstacles and
design constraints will now be discussed in detail for stimulation electrodes.
1.4.3 Current FDA approved devices
Deep brain stimulation (DBS) has been approved for treating essential tremors, Parkinson’s
disease, obsessive-compulsive disorder, and dystonia [35, 36]. There are only a handful of
companies with FDA approved electrode leads for DBS in the United States: Medtronic,
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Aleva, Boston Scientific, and St. Jude Medical. Each of their devices are very similar in
design due to the long and expensive approval requirements (See review: [37]). Implanted
leads are cylindrical with diameters between 1 and 2 mm and have upwards of two dozen
electrodes with dimensions ranging from 0.66 – 1.5 mm. For Parkinson’s disease, these
electrodes are inserted in the basal ganglia over the prefrontal cortex, which is relatively
deep inside of the brain. The placement of these electrodes is critical for their effectiveness
but proves to be a difficult task [38]. Surgical techniques as well as electrode lead design
have evolved to improve the process or allow greater error while maintaining effective
performance [39]. Once leads are surgically placed inside of the brain, along with their
battery power supply, electrical stimulation parameters are tuned (e.g. current, frequency)
to maximize therapeutic effects and minimize side effects (e.g. blurred vision, headaches)
[40]. Side effects may be a result of unnecessarily stimulating nearby cells that may have
no effect on tremors, presumably due to the relatively large size of current DBS leads.
The estimated volume of the average human brain is ∼ 1,000,000 mm3, or about 100,000
neurons per mm3 [1, 41]. There are then ∼ 10,000 neurons in a 100 µm slice with an
area of 1 mm2. Therefore, the smallest electrode currently used for DBS at this time (∼
1.66 mm2) stimulates∼ 20,000 neurons simultaneously. Furthermore, experiments in mice
have shown that even a single neuron can affect behavior [21]. There has also been an
ongoing debate about the exact mechanism by which DBS even yields therapeutic results
[42]. Furthermore, there are many questions still unanswered about which cells to target;
the specific neurons or circuits responsible for brain dysfunctions is still unknown. Smaller
electrodes that can better localize stimulus is needed to maximize therapeutic benefits and
minimize side effects. Smaller electrodes would also facilitate research studies on which
cells or circuits lead to dysfunctional brains.
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1.4.4 Research for improved DBS
Current DBS electrodes are very simple in design but still suffer from complications. Ar-
tificial pacemakers implanted in human hearts have been used for far longer than DBS
electrodes (∼ 60 years compared to ∼ 20 years) [43, 44]. A study in 2012 showed that in a
span of 5.8 years, almost 10% of patients with artificial pacemakers experienced problems
that were mostly caused by the electrode leads [45]. The exact modes of failure and com-
plications in pacemakers are only recently being identified [46]. Surprisingly, only about
5% of patients with implanted DBS electrodes experience electrode complications [47], but
complication and failure rates can be much higher depending on what diseases are being
treated [48]. Side effects are also very common with a rate up to ∼ 86 % in one study [49].
On average, patients experienced 3.5 adverse effects with the most common being related
to gait and speech [49]. The excessive number of side effects and failure rates of implanted
electrodes have motivated the development of new electrodes that are smaller, less-invasive,
safer, and ultimately more effective for DBS patients. Additionally, an electrode scheme
that can target individual neurons on a large scale can facilitate our understanding of both
functional and dysfunctional brains.
1.4.4 Specificity
Specificity is how well an electrode can localize stimulation fields to a target cell. Patch
clamping is the gold standard for single cell potential studies [50]. A sharp glass pipette
filled with solution is used to gain intracellular access enabling singe cell stimulation and
recording. Briefly, a sharp glass pipette is filled with intracellular solution and contains a
Ag/AgCl electrode that is wired to a high-precision amplifier. The pipette is lowered to the
cell membrane while a small positive pressure is applied to the tip to prevent debris from
clogging the tip. The electrical resistance of the pipette is monitored at all times and is gen-
erally between 2 – 10 MΩ in free solution. The pipette is positioned near the cell membrane
using a micromanipulator until an increase in resistance is observed near the cell, which in-
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dicates that the membrane is located at a sufficiently close distance to the glass pipette tip.
The pipette pressure is switched to atmospheric pressure, which causes the membrane to
seal the pipette tip. Resistance increases as the cell membrane is sucked up into the pipette
until a gigaseal forms (i.e. pipette resistance > 1 GΩ). A short negative pressure pulse
is then applied to breach the cell membrane and gain intracellular access. The Ag/AgCl
electrode in the glass pipette injects current to maintain either a constant cell membrane
potential (voltage clamp) or current (current clamp). At this point, membrane potentials
can be measured with unprecedented signal-to-noise ratios. This method can be used in
vitro and in vivo [51, 52]. Recently, automatic patch clamp robots have been developed to
improve throughput and speed of experiments [53, 54]. The patch clamping method is by
far the most sensitive and selective single cell electrode available. However, patch clamping
is limited by mechanical vibration, which restricts studies to only 1 – 2 hours. Additionally,
patch clamping is only reliable in vivo when the animal subject is anesthetized, although
clever schemes have made experiments in free-moving animals possible [55]. Also, the
number of pipettes that can be inserted into the brain is physically limited by spatial con-
straints. Lastly, patch clamping is not a feasible method for human treatment or studies.
Innovative intracellular probes have been developed that exhibit the same cell selectivity
and signal-to-noise ratio as patch clamping, but their rigid and complex structures limit
their feasibility for practical applications [4, 5, 33, 34].
1.4.4 Throughput
There is a need for an array of electrodes that can interact with several individual cells
independently to understand the role of cell circuits in the brain and effectively target only
the cells responsible for brain dysfunctions. Beyond the brain, cochlear implants and visual
prostheses designs are also working towards better electrode spatial resolution for localiz-
ing cellular stimulation [56]. The first step towards a higher throughput cell stimulation
was the microelectrode array (MEA) which emerged in a 3D form in 1991 [57]. Since
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then, MEAs have been used extensively in animal studies. The two most prominent types
of MEAs are the Utah array and the Michigan probe [58, 59]. The Utah array consists of
several electrode pillars equally spaced in a square matrix [58]. Modern Utah arrays have
insulated pillars with exposed tips. The advantage of this type of array is the improved
planar area in which electrodes can interact with cells. The disadvantage is that the Utah
array can only achieve a depth as far as the length of each pillar, which is limited by micro-
fabrication processes (typical aspect ratio limit is∼ 40). The Michigan probe increased the
depth at which multiple electrode channels could interact with cells and resembles current
electrodes used for DBS [59, 60]. A substantial number of studies have since investigated
microelectrode arrays to improve signal throughput and selectivity [61–67]. A comprehen-
sive review was recently published by Obien et. al. [68]. Nearly all MEA designs rely on
microfabrication, which is limited to very stiff materials such as silicon and metals. Neural
tissue, on the other hand, is soft and dynamic. Mechanically rigid electrode materials have
been shown to induce internal bleeding and elicit an immune response upon implantation
[69, 70]. Tissue damage during electrode implantation procedures (especially large elec-
trodes) lead to poor chronic stability. Breeching the blood brain barrier during implantation
causes adverse reactions that lead to the formation of scar tissue, which acts as an electri-
cally insulating barrier at the biological/electrode interface [69, 70]. Studies in vitro still
benefit greatly from advancing MEA technology [71]. State-of-the-art MEAs have demon-
strated as many as 60,000 electrodes, stimulation sites as small as 10 µm, and pitch spacing
as low as 18 µm [72–74]. Complementary metal oxide semiconductor (CMOS) technol-
ogy has only recently become available commercially offering arrays with over 16,000
electrodes for in vitro cell studies [75].
1.4.4 Biocompatibility
Biocompatibility is a broad term that encompasses many possible interactions of an im-
plant with biological tissue. The primary goals of achieving biocompatibility in the context
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of stimulation electrodes are to minimize biological interference (e.g. cell death, cell dis-
placement, immune response) and to maintain efficacy of the implanted device (e.g. close
proximity to cells, low excitation thresholds). Biocompatibility of electrodes depends on
their chemical, mechanical, and electrochemical properties.
Mechanical
The effects of electrode mechanical properties on cells and tissue can be separated into
static and dynamic interactions. It is well known that cells respond to static stiffness [76,
77]. The relevant parameter most often reported for static stiffness is elastic modulus (aka
Young’s modulus). Brain tissue has an elastic modulus between 1-10 kPa. Most electrode
materials have an elastic modulus greater than 1 GPa [78]. This difference in static elastic
stiffness has been shown to induce changes in cell phenotype, which may cause neurons to
lose their function [76]. Young’s modulus is not likely the best indicator for biocompatible
mechanical properties since force is really the parameter that cells ”sense” [79, 80]. A
lower Young’s modulus does, however, mean that microstructure will apply a lower force
for a given set of dimensions. Cell forces range from 1 to 100 pN [81]. The effects of static
stiffness are difficult to delineate from dynamic interactions in vivo since dynamic interac-
tions are nearly unavoidable. Nonetheless, there is a recent increase of research into flexible
electrodes arrays to minimize the host response due to contact with stiff materials [82]. One
of the earliest designs was composed of an array of flexible parylene electrodes with gold
contacts to improve chronic stability hindered by micromotion [83]. Prof. John Rogers
et. al. have made substantial progress more recently in creating flexible and biodegrad-
able electronics. The main disadvantages of these devices is a lack of spatial resolution
since they are usually made of relatively large 2-dimensional gold electrodes [84]. The
fabrication approach also limits electrode arrays to planar arrangements, but more recent
developments include implanting deeper, dissolvable electrode arrays [85].
One problem with flexible electrodes is that they are difficult to implant since their
flexibility prevents tissue penetration. Injectable electronics is the latest advancement in
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implantable, flexible electronics [86]. These electrode schemes have been shown to have
excellent chronic stability in vivo and was attributed to their flexible architecture [82]. This
recent demonstration shows benefits of lower static mechanical stiffness but does not prove
that it is required in vivo. Although, in vitro studies do prove that forces exerted on cells
definitely impacts the cell [76, 79, 80]. Research has also shown that flexible electrodes do
not entirely prevent adverse tissue reactions [87]. Dynamic mechanical interactions also
need to be addressed.
Dynamic mechanical interactions originate from two dynamic events: tissue implanta-
tion processes and micromotion. Implanting electrodes into tissue, especially large elec-
trodes composed of rigid materials, can cause cell displacement and breeches of the blood
brain barrier by severing vessels [69, 70]. The trauma experience by the tissue can elicit
an immune response, lead to gliosis, and ultimately, scar tissue formation [88, 89]. Once a
scar tissue forms around an electrode implant, it acts as an electrically insulated barrier and
diminishes signal integrity and the ability to stimulate cells. Injectable electronics may be
able to circumvent this issue, but not all electrode schemes are necessarily injectable. One
group recently tethered flexible electrodes to a rigid shuttle for implantation [90]. Once im-
planted, the shuttle can be removed by breaking the tether. Tissue damage did occur from
penetration by the shuttle, but results showed that the tissue was able to full recover from
implantation trauma and enabled superior chronic stability. Additional flexible electrodes
were then able to be implanted into different regions of the same brain. These results
indicate that tissue damage may not need to be entirely avoided as long as the delivered
electrode is flexible and small enough to minimize its own biological response.
Micromotion occurs after implantation and is caused by mechanical movement of the
brain or the electrode itself (due to external wiring). Movement of the electrode not only
changes the proximity of electrode sites to target cells but also displaces tissue causing
damage [91, 92]. Electrodes with higher flexibility have been shown to minimize damage
due to micromotion [82].
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One way to circumvent implantation entirely is to use wireless electrode schemes [93].
Wireless arrangements eliminate the need to connect electrodes to external electronics, and
thus, eliminating micromotion and circumventing the risk for infection at the implant entry
point [94]. The most difficult limitation for wireless schemes is the electrical power supply.
Current technology for batteries and power transmission requires batters to be implanted as
well, which complicates surgical procedures, especially considering their relatively short
lifespan [95]. Wireless power transfer technology makes it possible to eliminate the need
for a large battery or a battery at all, but needs significant improvement with respect to
efficiency. For this reason, most wireless stimulation schemes have initially been focused
on optogenetic methods since LEDs require little power [96–99].
Chemical
Delineating the different contributions of individual material properties to observed
cell or tissue responses is difficult since multiple biological signaling pathways can be
activated or suppressed simultaneously. Cell viability is also not clearly defined. Cells can
undergo phenotypic changes but still appear to be ”healthy.” Many biocompatibility results
for materials are inconsistent as a consequence, such as carbon nanotubes [100–103]. The
biocompatibility of a material can also depend on whether it leeches into tissue, which may
also be exacerbated by stimulation pulses. Kozai et. al. compiled a comprehensive review
on neural interfacial materials [2].
Absolute biocompatibility may be difficult to ”measure,” but a significant amount of
research has investigated ways of improving biocompatibility. The most common way is
by incorporating biomolecules or anti-inflammatory agents into the electrode interface [89,
104]. Conductive polymers are particularly attractive because their polymerization process
is conducive to the incorporation of therapeutic biomolecules [105, 106]. Conductive poly-
mers have also demonstrated the ability to controllably release anti-inflammatory drugs
with electrical stimulation [107]. Biomolecule incorporation has shown to decrease ad-
verse reactions and improve chronic stability of electrodes [106, 108]. Some groups have
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alternatively attempted to avoid the electrode-tissue interface entirely through tissue engi-
neering. Green et. al. has worked on using encapsulated neurons as the mediation layer
to stimulate other neurons [109]. The approach circumvents the uncertain tissue response
to an electrode by developing a stable cell-electrode interface prior to implantation. This
method is still relatively new but has shown promise.
Electrochemical
Many problems with the chronic stability of electrodes is due to the electrochemical
transduction from electron current to ionic current during stimulation pulses. Repeated
stimulation pulses have two adverse effects: electrode degradation and tissue damage.
Electrode degradation occurs when irreversible electrochemical changes change the chem-
ical makeup of the electrode surface. Degradation is more rapid when Faradaic currents
are used as opposed to capacitive (non-Faradic) currents. Faradaic currents involve charge
transfer across the electrode-electrolyte interface to species able to diffuse in solution. This
charage transfer process is not fully reversible and leads to permanent changes to the elec-
trode site [110, 111].
Tissue damage or cell death can occur if excessive voltages or currents are applied at
the electrode interface. High voltage potentials at the electrode lead to electrolysis, which
locally changes the pH in tissue [112]. A review of literature shows that a specific damage
threshold for electrodes in tissue is very difficult to pinpoint [113]. One of the first attempts
at defining a damage threshold for stimulation was the Shannon equation [114]:
log(D) = k − log(Q) (1.5)
where D is the charge density, Q is the charge per phase for stimulation, and k is an
adjustable parameter between 1.5 and 2. As pointed out by Cogan et. al., this equation does
not take into account frequency, pulse width, current density, or the size of electrode [113].
The typical allowable charge density limit reported is 30 µC cm-2. This value of charge
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density originates from FDA approval of the first DBS electrode [115]. However, studies
have shown tissue damage to occur at higher and lower thresholds [114, 116]. Interestingly,
microelectrodes seem to have their own safe charge limits [113]. Future works needs to
more clearly define tissue or cell damage and develop better models to predict maximum
stimulation parameters. Safe stimulation will become increasing important as electrodes
decrease in size and chronic stability is improved. As electrodes become smaller and more
intimately connected to cells, electroporation may be a more specific indicator of unsafe
stimulation levels [117].
1.4.4 Alternative stimulus methods
Optogenetics is the most promising alternative to direct electrode induced cell stimulation.
Optogenetics allows controllable and reversible depolarization by incorporating light-gated
ion channels (rhodopsin derivatives) [118]. The drawbacks of optogenetics include the
difficulty in selectively introducing rhodopsin to specific neurons and the need for localized
light sources for stimulation. Perhaps more importantly, genetic modification is required,
which poses ethical concerns for applications in humans [119]. Nonetheless, optogenetics
is already being tested in humans for visual prosthesis applications by first using natural
light excitation [120].
1.4.5 Summary
Current neural stimulation technology has demonstrated cellular stimulation using extra-
cellular and intracellular electrodes. Patch clamping is the gold standard technique for
intracellular recording and stimulation of action potentials [54]. Patching clamping is not
practical beyond research applications since it is low-throughput and requires the insertion
of a hollow glass pipette through the craniotomy. Extracellular electrodes are far easier to
implement and have higher throughput, which has made them one of the few successful
devices currently used in clinical applications [121, 122]. But, extracellular electrodes lack
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the cell selectivity and high signal-to-noise ratio offered by intracellular electrodes.
Electrode design requirements are vast but can be simplified into two general cate-
gories: shape and material. The unanimous approach for engineering the ideal electrode
is to make electrodes smaller. Scaling laws have favorable impacts on material stiffness,
selectivity, and biocompatibility [123, 124]. Engineering micro and nanoelectrodes with
controllable shape and morphology for neural stimulation is limited by the extent of cur-
rent nanofabrication capabilties. Carbon nanotubes (CNTs) are one of the more popular
nanomaterials because of their high-conductivity and large aspect ratio [123]. However,
CNTs are mechanically rigid, relatively short, difficult to spatially manipulate, and must be
grown in bulk with uniform properties (i.e. individual CNTs cannot be customized). An
alternative micro or nanomaterial is needed to satisfy these requirements.
1.5 Conductive polymer wires
1.5.1 PEDOT:PSS polymer
Currently approved implantable leads for DBS use platinum electrodes. Platinum is a rigid
material and how low electrochemical performance compared to other materials. Other
materials that are softer and have lower electrochemical surface impedance may improve
biocompatibility, lower stimulus thresholds, and even extend battery life [125]. Conductive
polymers are an interesting class of materials because of their low Young’s modulus, low
surface impedance, and ability to conduct electric current [126]. One of the more popular
conductive polymers is poly(ethylene-dioxythiophene) (PEDOT), which is often coupled
with a poly(styrenesulfonate) (PSS) counterion to form the PEDOT:PSS polyelectrolyte
complex (Figure 1.3). This particular conductive polymer is popular because it is water
processable (i.e. does not require organic solvents during deposition) and has a relatively
high conductivity compared to other polymers. Thin layers of PEDOT:PSS have been
found to be transparent but also exhibit electrochromic properties with an applied voltage
[127]. Commercial uses for PEDOT:PSS include anti-static coatings, solar cells, and flexi-
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Figure 1.3: Chemical structure of poly(ethylene-dioxythiophene) (PEDOT) electrostatically-coupled to
the poly(styrenesulfonate) (PSS) counterion to form PEDOT:PSS.
ble electrochromic displays. These applications take advantage of the optical, mechanical,
and electrical properties of PEDOT:PSS, but, as noted, this polymer also has remarkable
electrochemical properties [123, 128–130]. PEDOT:PSS in particular has demonstrated
one of the highest charge storage densities determined for a material [131], which makes it
ideal for super capacitors and, as discussed here, bioelectrode materials.
The high charge density of PEDOT:PSS is not fully understood but is thought to orig-
inate from the mechanism by which it transduces electronic to ionic charge [132–134].
PEDOT:PSS conducts electric current by hole conduction, which is the transport of delo-
calized positive charges, which are called polarons. The holes in PEDOT form via over-
oxidation during chemical or electrochemical polymerization. There are varying degrees
of over-oxidation that can either yield polars or biopolars (the latter is more conductive)
[126]. The process of over-oxidation to enable conductivity is called doping. The excess
positive charge in PEDOT is stabilized by a counterion, which is most commonly, but not
limited to, PSS. When PEDOT:PSS is used at an electrode/electrolyte interface, an applied
voltage can reversibly dope PEDOT by adding or removing electrons. The polymer inter-
acts with charged ions in solution depending on its doped state. A highly doped PEDOT
state attracts negative ions from solution to compete with the negatively charged sulfonate
groups on PSS. In a low or undoped state, PEDOT has an excess negative charge due to
22
the integrated PSS chain, which then attracts positive ions from solution. In this way a full
sinusoidal or square wave potential can be applied to PEDOT:PSS to generate an alternat-
ing electric field by creating ion potential gradients at this interface. This mechanism gives
PEDOT:PSS what is called pseudocapacitive charge injection properties, because it is not
considered strictly capacitive, yet it demonstrates a high-degree of reversibility [135].
Charge injection is the process of converting electronic charge into ionic charge, which
then creates electrochemical fields in solution to stimulate cells. A high charge injection
density or capacity is typically correlated with a low surface impedance. There are two
primary types of charge injection: Faradaic and capacitive. Capacitive charge injection
occurs from the build up of the electric double layer ions at the electrode/electrolyte inter-
face. These ions attempt to cancel the electric field generated by the excess or deficiency
of electrons at an electrode surface. Capacitive charge injection is by far the most pre-
ferred method to generate electric fields in solution because it is reversible and does not
require any electrochemical reactions that can degrade the electrode material. The electric
double layer is unfortunately very small (nanometers in thickness) and may not generate
sufficient current with micro and nanoelectrodes capable of electrical stimulation of cells.
Faradaic current is avoided if possible; these currents are irreversible since they involved
the transfer of electrodes from the surface to ionic species in solution that then freely dif-
fuse away. Over time, Faradaic currents (e.g. electrolysis) contribute to the degradation of
the electrode surface and diminishes its ability to transfer charge and generate fields. In ad-
dition, Faradaic currents inherently generate local pH changes in the surrounding solution,
which is destructive in a cell or tissue environment. Pseudocapacitive currents arise from
electrochemical reactions of surface-bound species. Typically materials that exhibit pseu-
docapacitance are metal oxides that change oxidation states [136]. Examples include RuO2
and MnO2. This process is reversible, much like the reversible doping of PEDOT:PSS. This
type of charge injection is biocompatible because it minimizes local pH changes within the
acceptable potential window and does not degrade the electrode as quickly [131].
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By combining the high charge injection property of PEDOT:PSS with its ability to
form to high surface area nanostructures, exceptionally high charge injection values have
been obtained. Some of the highest charge injection values currently reported in literature
were obtained by coating an array of carbon nanotubes with PEDOT:PSS (1.21-15 mC
cm-2) [128, 129, 131, 137–139]. The long-term viability of cells on surfaces with charge
densities of these magnitudes is uncertain [113]. Nonetheless, the high charge density of
PEDOT:PSS has made microelectrodes more feasible and has recently been demonstrated
for microelectrodes as small as 15 µm in diameter to stimulate cells [140, 141]. Addition-
ally, conductive polymers can be chemically functionalized [142, 143], which gives the
potential for their integration with multiple substrates and cell types (e.g. neurons, muscle
cells, cardiomyocytes, etc.). PEDOT:PSS is also attractive for its superior biocompatibility
[66, 140, 144–147].
PEDOT:PSS has exceptional electrochemical properties, but its electronic conductivity
is no where near that of metals (Table 1.1 [148]). PEDOT:PSS films have demonstrated
conductivities with an upper limit near 5,000 S cm-1 whereas gold has a conductivity over
400,000 S cm-1 [149]. The conductivity of electropolymerized PEDOT:PSS wires is even
lower ( < 50 S cm-1) [150]. It is worth noting that films are often dropcast and not electro-
chemically polymerized. Dropcast films have shown an increase in conductivity by several
orders of magnitude using post processing techniques such as exposure to solvents or elec-
tric fields [151–155]. Superb charge storage and relatively poor electrical conductivity are
the reasons that conductive polymers are almost always employed as films. However, the
relatively low modulus of PEDOT:PSS (∼1 – 3 GPa vs ∼80 GPa for gold) could provide a
balance between conductivity and mechanical flexibility for bioelectrode applications.
1.5.2 Polymer wire synthesis
A method to grow polymer nanowires was first developed by Prof. Bret Flanders et. al. at
Kansas State University [156–160]. This technique allows in situ growth of single polymer
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Table 1.1: Comparison of material properties for common electrode materials.
Material Young’s modulus Electrical conductivity Charge density
(GPa) (S cm-1) (mC cm-2)
LDPE 0.25 10-16
PEDOT:PSS 1 – 2 38 1 – 15
Gold 80 400,000 0.01
N-Silicon 160 100
Platinum 170 100,000 0.15
CNT 270 800,000 3
nanowires from gold nanoelectrodes that can interface with individual cells. The process
is induced by the application of an alternating electric field between two sharp gold elec-
trodes. The alternating field promotes polymerization at the location of highest electric
field (electrode tip). The diameter of wires is controlled by adjusting the frequency, where
a higher frequency yields smaller diameter wires. The length of the wires is only limited
by the amplitude of the applied alternating voltage, which decreases with length due to
the increasing series resistance along the wire. The original technique was developed for
wires below 1 µm, but wires with diameters several micrometers in diameter have recently
been demonstrated [150]. The advantage of growing these polymer wires is the ability to
form high aspect ratio structures that current microfabrication techniques cannot achieve.
High aspect ratio greatly lowers the bending modulus. Using classical beam theory, the





where δ is deflection, P is force applied at the end of the beam, L is the length of the
beam, and I is the moment of inertia, which depends on the cross-sectional shape and area.
Therefore, for a given cross-section, the force required to bend a beam decreases with L3. It
is well known that cells respond to the mechanical properties of their environment [76, 77,
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161]. Cell forces range from 1 to 100 pN [81]. A high aspect ratio structure could enable the
possibility of attaching wires to cells without harming the cell or physically disrupting the
cell membrane. Flexible polymer wire attachment to cells could also eliminate mechanical
trauma due to micromotion, which is a current issue in implantable deep brain stimulation
(DBS) electrodes [91, 162]. Nanowire attachment to cells would also decrease the distance
between the electrode and the cell membrane thereby decreasing the magnitude of applied
voltage needed for stimulation and improving impedance stability [163, 164]. Glial cell
encapsulation isolates electrodes from neurons and occurs due to electrode insertion trauma
[70]. The high aspect ratio of polymer wires could potentially maintain electrical contact
with cells beyond the encapsulation layer. Thus, wires composed entirely of polymer could
hold promise for solving bioelectrode issues that have yet to be addressed.
Emerging technologies have aimed to scale down electrodes to improve selectivity and
throughput of neuron stimulation. Improvements in these areas often come at the cost
of higher electrical impedance (i.e. lower signal-to-noise) stemming from poor chronic
stability and small surface area. Electrodes capable of individual stimulation of multiple
cells simultaneously will require an interfacial nanomaterial with a low surface impedance,
precise spatial-selectivity, mechanical flexibility, chronic stability, and excellent biocom-
patibility. The following provides foundational research for the investigation of using con-
ductive polymer wires to selectively stimulate individual cells.
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CHAPTER 2
CONDUCTING POLYMER NANOWIRES FOR CONTROLLING LOCAL
PROTEIN CONCENTRATION IN SOLUTION
The following was published in the Journal of Physics D: Applied Physics, Volume 50,
Issue 17 [165] and is reproduced here with permission from IOP Publishing.
J. D. Morris*, S. B. Thourson*, K. Panta, B. N. Flanders, and C. K. Payne, ”Conducting
polymer nanowires for control of local protein concentration in solution”. In: Journal of
Physics D-Applied Physics 50 (2017). *These authors contributed equally.
2.1 Overview
Interfacing devices with cells and tissues requires new nanoscale tools that are both flex-
ible and electrically active. We demonstrate the use of PEDOT:PSS conducting polymer
nanowires for the local control of protein concentration in water and biological media. We
use fluorescence microscopy to compare localization of serum albumin in response to elec-
tric fields generated by narrow (760 nm) and wide (1.5 µm) nanowires. We show that
proteins in deionized water can be manipulated over a surprisingly large micron length
scale and that this distance is a function of nanowire diameter. In addition, white noise can
be introduced during the electrochemical synthesis of the nanowire to induce branches into
the nanowire allowing a single device to control multiple nanowires. An analysis of growth
speed and current density suggests that branching is due to the Mullins-Sekerka instabil-
ity, ultimately controlled by the roughness of the nanowire surface. These small, flexible,
conductive, and biologically compatible PEDOT:PSS nanowires provide a new tool for the
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electrical control of biological systems.
2.2 Introduction
The basic components of biological systems are small, ranging from nanometer-scale pro-
teins to micron-sized cells, and soft. For example, the Young’s modulus of neural tissue is
100 kPa – 1000 kPa [166, 167]. The small size and soft materials of human biology provide
a challenge for the use of implantable bioelectric devices such as neural electrodes [62, 92,
161, 168]. The mismatch between the stiffness of implanted materials and the softness of
cells and tissues leads to cellular damage and elicits an immune response. Soft materials,
such as polymers and hydrogels, are more biocompatible with a Young’s modulus compa-
rable to tissue. However, materials used at the bioelectric interface need to be electrically
conductive as well as small and flexible.
Electrically conductive polymer nanowires, described previously,[158–160] provide a
small, flexible, electrically active material for the bioelectric interface. Poly(3,4-ethylenedi-
oxythiophene):polystyrene sulfonate (PEDOT:PSS) nanowires are of specific interest due
to the extensive characterization and known biocompatibility of PEDOT:PSS [169–174].
These nanowires have been electrochemically synthesized with average diameters of 340
nm, a Young’s modulus of ∼2 GPa, and conductivity of ∼8.0 S cm-1 [156, 158–160, 175].
Although the PEDOT:PSS nanowires are still stiffer than cells or tissue, they are two or-
ders of magnitude more flexible than current state-of-the-art bundled carbon fiber neural
electrodes with a diameter of 4.5 µm and a Young’s modulus of 380 GPa [176].
Conducting polymer nanowires are promising tools for bioelectrical interfacing at cel-
lular and subcellular scales. Previous work has demonstrated the use of conductive poly-
mer films to control proteins in solution [177]. In this work, we demonstrate the use PE-
DOT:PSS nanowires, rather than bulk films, to control the local concentration of proteins
in solution. We compare localization of charged proteins in response to electric fields
generated by narrow (760 nm) and wide (1.5 µm) nanowires. We show that proteins in
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deionized water can be manipulated over a surprisingly large micron length scale through
the application of an electric field. We then compare this to an electric field applied in a
high salt biological media, phosphate buffered saline (PBS). For future biological appli-
cations, which are likely to require multiple nanowires rather than a single nanowire, we
demonstrate the synthesis of nanowires with controlled branching, allowing a single device
to control multiple nanowires.
2.3 Materials and methods
2.3.1 Gold electrode fabrication
Conducting polymer nanowires were synthesized using directed electrochemical nanowire
assembly in which nanowires are electropolymerized between two sharp gold electrodes
[158–160]. Sharpened gold electrodes were fabricated by adapting methods used to etch
scanning tunneling microscope electrodes [178]. Briefly, solid gold wire (0.2 mm diame-
ter, 99.9%, Alfa Aesar, 10195-G1) was secured to 20 gauge stranded wire using parafilm.
Gold wires were submersed ∼1 mm in high-concentration hydrochloric acid (6 M). Coiled
platinum wire (0.3 mm diameter, 99.9%, Alfa Aesar, 43014-BU) served as the counter-
electrode. A function generator (Agilent 33120A) provided a 10 Hz full square wave, ± 5
V amplitude. The square wave was rectified using a diode to deliver positive 5 V square
pulses to the gold anode to initiate the reduction of gold into solution. Etching was termi-
nated after ∼90 s to yield tip diameters < 100 nm. After etching, electrodes were rinsed
with ethanol, then water, and dried under nitrogen. Electrodes were plasma cleaned (Har-
rick) for 15 seconds before use.
2.3.2 Polymer wire growth
PEDOT:PSS nanowires were synthesized in an aqueous solution containing 10 mM 3,4-
ethylenedioxythiophene (EDOT, Sigma-Aldrich, 483028) monomer and 20 mM polystyrene
sulfonate (PSS, Sigma-Aldrich, 243051) as a counterion. PEDOT:PSS nanowires were
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grown using a function generator (Agilent 33120A) supplying an alternating, square-wave
voltage (2 – 100 kHz) across two sharp gold electrodes. The length of the nanowires is con-
trolled by the spacing of the gold electrodes. The diameter of the nanowires is controlled by
the frequency of the voltage used for the electrochemical synthesis. The wider nanowires
(1.50 ± 0.55 µm diameter) were grown at 2 kHz and the thinner nanowires (760 ± 220
nm diameter) were grown at 10 kHz. Nanowire diameter was measured using a scanning
electron microscope (SEM, Hitachi SU8230) and are the average of 4 different nanowires.
Nanowire length was measured using brightfield microscopy (Olympus IX71, 60x objec-
tive, Andor iXon CCD camera). Nanowires were grown and imaged in a custom made
flow cell to facilitate media exchange between the monomer solution and protein solution.
Electrodes were spaced 50 µm apart (tip-to-tip). A -100 mV DC offset voltage was ap-
plied to promote PEDOT:PSS nanowire growth from a single electrode. The gap between
the counter-electrode and the end of the growing nanowire was held constant by manu-
ally adjusting one of the micromanipulators. A Raman microscope (iHR550 Horriba-Jobin
Yvon spectrometer fiber-coupled to a BX-41 Olympus microscope) was used to confirm
nanowire composition.
2.3.3 Conductivity of PEDOT:PSS nanowires
The conductivity of the nanowire was determined using a two-point probe resistance mea-
surement. A peristaltic pump was used to rinse the nanowire with 25 mL of deionized
water to remove residual monomer. A 2 V, 10 kHz square wave was applied between the
nanowire and the counter-electrode to fuse the nanowire across the electrodes. A Keithley
2400 source meter was controlled using a custom Igor Pro script to measure resistance.
Voltage was swept between -1 and +1 V while measuring current. The resistance of the
wire was determined by the inverse slope of the linear best fit line. Conductivity of the
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where σ is conductivity (S cm-1), L is nanowire length, A is nanowire cross-sectional
area, and R is electrical resistance.
2.3.4 Imaging protein concentration
To image protein localization, bovine serum albumin (BSA, Thermo Fischer Scientific,
BP1600-100) was labeled with AlexaFluor546 (Thermo Fischer Scientific, A20002) ac-
cording to the manufacturer’s instructions. After the growth of a nanowire, the EDOT
and PSS solution was exchanged for ultrapure deionized water (EASYpure II, Barnstead)
or phosphate buffered saline (PBS, Gibco, 14040). Fluorescently-labeled BSA was then
added to the solution. Fluorescence images were taken with an EMCCD camera (Andor
iXon CCD camera) coupled to an inverted microscope (Olympus IX71, 40x objective).
Profile plots where generated using Igor Pro’s image processing package by taking the
average over 25 pixel lines perpendicular to the nanowire.
2.4 Results and Discussion
2.4.1 Nanowire synthesis and electrical characterization
Nanowires provide a way to interface with cells or proteins on a relevant length scale. For
example, using a nanowire to modulate cellular activity ensures only a single cell, rather
than neighboring cells, are affected. PEDOT:PSS nanowires have been reported with di-
ameter of < 500 nm [158–160]. Within our lab, diameters of 500 nm to 1.5 µm are typical
(Figure 2.1a and b). The length of the nanowire is controlled by the position of the two
gold electrodes, typically 800 nm to 10 mm. Conductivity of the nanowires is measured
with two-point probe resistance measurements. The average PEDOT:PSS nanowire con-
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Figure 2.1: PEDOT:PSS nanowires. (a) SEM of a PEDOT:PSS nanowire grown with an AC frequency of
2 kHz. (b) SEM of a PEDOT:PSS nanowire grown with an AC frequency of 10 kHz. (c) Raman spectrum of
a PEDOT:PSS nanowire (black) compared to a PEDOT:PSS film (red). SEM images were taken by S.B.T.
ductivity was found to be 24± 12 S cm-1. On our size scales, conductivity was found to be
independent of nanowire diameter and length. Nanowires composition was confirmed by
comparing the Raman spectra of the nanowires with a PEDOT:PSS film (Figure 2.1c).
2.4.2 Using PEDOT:PSS nanowires to control local protein concentration
We first used relatively thick PEDOT:PSS nanowires with a diameter 1.5 µm (length = 25
µm) to control local protein concentration. Fluorescently-tagged BSA protein was added
to solution after nanowire growth and an AC field (2 V, 1 Hz, square wave) was applied.
Fluorescence intensity increased in the region of the PEDOT:PSS nanowire while a positive
bias was applied (Figure 2.2a). A decrease in intensity was observed at negative biases
(Figure 2.2b). This behavior is consistent with expectations given the net negative charge of
BSA [179–181]. To observe the change in fluorescence around the nanowire, the intensity
within a 25 µm x 10 µm box centered on nanowire was averaged for each frame of a
short video (Figure 2.2c). An oscillation in fluorescence intensity was observed near the
nanowire in response to the applied field (t = 4 seconds). To confirm that the oscillation
in fluorescence intensity is due to the nanowire, and not the gold electrode, we took line
profiles of the fluorescence intensity roughly 12 µm away from the gold electrode surface,
similar to the distance used for the nanowire analysis (Figure 2.2). There was no significant
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Figure 2.2: Fluorescence microscopy of a PEDOT:PSS nanowire with fluorescently-labeled BSA (∼100
nM) in the surrounding solution. The protein responds to an applied AC field (2 V, 1 Hz) from the nanowire.
(a) Image of nanowire and protein (green); +1 V with respect to the gold counter-electrode. (b) Image of
nanowire and protein (green); -1 V with respect to the gold counter-electrode. (c) Fluorescence intensity as a
function of voltage in the region surrounding the PEDOT:PSS nanowire. Data was captured and analyzed by
S.B.T. and J.D.M. and plotted by J.D.M.
change in fluorescence with changes in bias indicating that it is the PEDOT:PSS nanowire,
not the gold electrode, responsible for altering the BSA concentration (Figure 2.3).
2.4.3 Comparison of protein control as a function of nanowire diameter
To determine the importance of nanowire diameter for controlling protein concentration,
we repeated experiments using a thinner PEDOT:PSS nanowire with a diameter of 760 nm.
In order to compare the local control of BSA, we took profile plots of fluorescence intensity
as a function of distance centered on the nanowire (Figure 2.5). A positive bias shows less
of a drop in fluorescence intensity at the nanowire compared to a negative bias due to an
accumulation of BSA at the PEDOT:PSS nanowire surface.
The distance over which protein concentration was modulated was found to be 29.6
µm ± 8.6 µm and 16.7 µm ± 2.5 µm for the wide (d = 1.5 µm) and narrow (d = 760
nm) nanowires, respectively (Figure 2.5a and b). Averages and standard deviations were
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Figure 2.3: Fluorescence profiles (average of 25 line profiles) taken∼12 µm away from the gold electrode
surface at a positive (black) and negative bias (red). There is no significant change in fluorescence indicating
that it is the PEDOT:PSS nanowire, and not the gold electrode, causing fluctuations in protein concentration.
Data was captured and analyzed by S.B.T. and J.D.M. and plotted by J.D.M.
determined from measurements using three separate nanowires. The difference between
the wide and narrow nanowires shows that altering the nanowire diameter allows the dis-
tance over which protein is manipulated to be tuned. It is important to note that under our
experimental conditions a large number of factors that are difficult to control can alter the
spatial extent over which protein is modulated. For example, slight changes in electrode
geometry, changes in nanowire roughness or branching, variations in the contact resistance
between the gold electrode and the nanowire, and the exact sharpness of the gold electrodes
could all cause differences in the spatial extent of protein modulation. These variations are
reflected in the relatively large standard deviations.
Regardless of these factors, the most surprising aspect of this result is the large distance
over which protein is controlled for both nanowires. These distances are dramatically larger
than the expected thickness of the electrostatic double layer at equilibrium, which is on the
length scale of angstroms [163]. Previous reports have demonstrated ∼250 nm control of
proteins using electric fields [182]. We show modulation of proteins over a length scale
that is 100-fold greater. Conditions unique to our experiment which may alter the equilib-
rium thickness of the electrostatic double layer include the high curvature of the nanowire
surface[183] and large counter ions (BSA) [184]. The curvature of the nanowires studied
here, however, is below what is necessary to induce significant changes in the electrostatic
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Figure 2.4: A sequence of fluorescence images of a 1.5 µm nanowire in the presence of BSA (300 nM)
over 6 seconds. At t = 0 s the voltage on the nanowire switched to +1 V. Over this time frame additional BSA
continues to accumulate around the nanowire. This shows that at the frequency in our experiments (1 Hz) the
nanowire has not yet reached equilibrium. Image was plotted by J.D.M.
double layer [183]. The large size of BSA is expected to increase the equilibrium electro-
static double layer, but only out to a few nanometers. Instead, we suggest that our profiles
are not at equilibrium. This is possible if the nanowire is charging in a regime controlled
by bulk diffusion. These slow charging times allow for variation of the concentration of
electrolytes over much larger distances [185]. Experiments at lower frequencies (50 mHz)
show continued charging of the PEDOT:PSS nanowire, supporting this hypothesis (Figure
2.4).
We next quantified the amount of protein modulated for each diameter of nanowire.
The relative quantity of protein modulated by the nanowire can be obtained by integrating
the difference in area under the profiles at each bias. This integration indicates that the thin
nanowire manipulates just 22.1% ± 7.3% of the quantity of protein displaced by the wider
nanowire. At equilibrium, the small nanowire would be expected to store 50% less charge
due to a 50% reduction in surface area. Since BSA acts as the negatively charged species in
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Figure 2.5: Profile plots of BSA concentration, measured as fluorescence intensity, as a function of
nanowire diameter. (a) Charged (red, +1 V) and discharged (black, -1 V) PEDOT:PSS nanowire (d = 1.5
µm). The inset (50 µm x 25 µm) shows the cross section of the nanowire used to generate profile plots.
Profile plots are generated from an average of 25 pixel lines perpendicular to the nanowire (b) Charged (red,
+1 V) and discharged (black, -1 V) PEDOT:PSS nanowire (d = 760 nm). Data was captured and analyzed by
S.B.T. and J.D.M. and plotted by J.D.M.
the electrostatic double layer, this decrease in charge storage will result in the manipulation
of less BSA. At our frequency (1 Hz), however, the nanowires have not yet charged to
equilibrium. This likely explains the deviation from the expected 50% reduction in charge
storage. The increased quantity of protein manipulated by the larger nanowire highlights
how altering the diameter of a PEDOT:PSS nanowire can provide the appropriate degree of
charge storage for a desired application.
2.4.4 Comparison of protein control in water and biological media
The deionized water used in the experiments described above (Figures 2.2 and 2.5) provides
an effective model environment for studying the modulation of proteins with PEDOT:PSS
nanowires. The addition of salts is required for a more realistic biological environment. For
this reason, we investigated the impact of biological media on the ability to control local
protein concentration using PBS, a saline solution containing sodium chloride, potassium
phosphate, and sodium phosphate. In a high concentration of electrolytes, the electrostatic
double layer will be comprised primarily of salts instead of BSA. In this case we would
expect the electrostatic double layer to be dramatically reduced. Similar to the experi-
ments described above, we applied an AC field (2 V, 1 Hz, square wave) to a PEDOT:PSS
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Figure 2.6: Profile plots of BSA concentration, measured as fluorescence intensity, centered around a
PEDOT:PSS nanowire (d = 1.5 µm). (a) BSA in water (replotted from Figure 2.5a for comparison) charged
(red, +1 V) and discharged (black, -1 V). The inset (50 µm x 25 µm) shows the cross section of the nanowire
used to generate profile plots. Profile plots are generated from an average of 25 pixel lines perpendicular to
the nanowire. (b) BSA in PBS while charged (red, +1 V) and discharged (black, -1 V). Data was captured
and analyzed by S.B.T. and J.D.M. and plotted by J.D.M.
nanowire (d = 1.5 µm, l = 25 µm) in the presence of BSA (300 nM) in PBS. We again use
profile plots to compare the spatial extent of control (Figure 2.6). We find that the thick-
ness of our electrostatic double layer drops below the resolution of our microscope. This
change is expected since the diffuse layer portion of the electrostatic double layer decreases
as electrolyte concentration increases [163].
2.5 Conclusions
We have demonstrated that PEDOT:PSS nanowires can be used for the local control of pro-
tein concentration through an applied electric field. In water, these nanowires can control
protein concentration over ∼30 µm for the wide, 1.5 µm diameter, nanowires and ∼17
µm for the thinner, 760 nm diameter, nanowires (Figures 2.2 and 2.5). The quantity of
protein moved through solution can be controlled by the diameter of the nanowire, effec-
tively altering the charge storage of the electrostatic double layer. The distance over which
proteins can be modulated drops significantly in the presence of PBS, a high salt buffer, as
the thickness of the electrostatic double layer decreases. These small, flexible, conductive,
and biologically compatible PEDOT:PSS nanowires provide a new tool for the electrical
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control of biological systems.
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CHAPTER 3
CARDIOMYOCYTE CELL STIMULATION WITH PEDOT:PSS MICROWIRES
The following was originally published in Scientific Reports by Springer Nature Research
and is reprinted here under the Creative Commons Attribution 4.0 International License.
Scott B. Thourson and Christine K. Payne. ”Modulation of action potentials using PE-
DOT:PSS conducting polymer microwires”. In: Scientific Reports 7.1 (2017).
3.1 Overview
We describe the use of PEDOT:PSS conducting polymer microwires to modulate action
potentials in single cells. PEDOT:PSS conducting polymer microwires are electrochemi-
cally synthesized with diameters ranging from 860 nm – 4.5 µm and conductivities of ∼30
S cm-1. The length of the microwires is controlled by the spacing of the electrodes used for
the electrochemical polymerization. We demonstrate the use of these microwires to control
the action potentials of cardiomyocytes, showing that the cellular contractions match the
frequency of the applied voltage. Membrane integrity assays confirm that the voltage de-
livered by the wires does not damage cells. We expect the conducting polymer microwires
will be useful as minimally invasive devices to control the electrical properties of cells with
high spatial precision.
3.2 Introduction
Integration of electronic devices with biological systems requires the development of new,
less invasive tools, that can modulate cellular activity while minimizing disruption of the
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surrounding tissue. Conventional electrodes made from metals, silicon, and carbon fibers
are relatively hard and brittle making them inherently bio-incompatible [168, 186, 187].
The recent development of smaller, more flexible, materials, including single crystalline
gold nanowires [188], nanoneedles, nanopillars, and nanotubes [64, 189–191], and con-
formable materials [192–195] has helped to address the need for less invasive tools. Sim-
ilarly, conducting polymers have been used as coatings, films, or electrode materials to
provide a softer interface with cells [192, 196–201]. Combining the benefits of a wire
configuration with the softer material properties of conducting polymers, we have devel-
oped conducting polymer microwires as a small, flexible, electrically active material for the
bioelectric interface that can be used to modulate the action potentials of individual cells.
Poly(3,4-ethylenedioxythiophene):polystyrene sulfonate (PEDOT:PSS) is a well-characterized
conducting polymer [169], with known biocompatibility [173, 196, 202], that has been
used previous to form conductive [158, 159, 165], flexible (∼1 GPa) [203], nano- to micro-
diameter wires. PEDOT:PSS conducting polymer microwires are electrochemically syn-
thesized with diameters ranging from 860 nm – 4.5 µm and conductivities of ∼30 S cm-1.
The length of the microwires (nanometers-millimeters) is controlled by the spacing of the
electrodes used for the electrochemical polymerization. We demonstrate the use of these
microwires to control the action potentials of cardiomyocytes, showing that the cellular
contractions match the frequency of the applied voltage. Membrane integrity assays con-
firm that the voltage delivered by the wires does not damage cells. Overall, the use of
conducting polymer microwires to modulate the action potentials of cardiomyocytes is the
first step in the development of a new tool for bioelectric electric control in vivo.
3.3 Materials and methods
3.3.1 Electrochemical polymerization and characterization of PEDOT:PSS microwires
The electrochemical synthesis and characterization of PEDOT:PSS nano- and microwires
has been described previously [158, 159, 165]. In brief, PEDOT:PSS microwires were syn-
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thesized from the tip of a sharp gold electrode in an aqueous solution containing 10 mM
3,4-ethylenedioxythiophene monomer (EDOT, Sigma-Aldrich, 483028, St. Louis, MO)
and 20 mM polystyrene sulfonate (PSS, Sigma-Aldrich, 243051), used as a counterion. A
second gold electrode is used to shape the electric field during the electrochemical syn-
thesis. Fabrication of the sharp gold electrodes from solid gold wire (0.2 mm diameter,
99.9%, Alfa Aesar, 10195-G1) was based on methods used to etch scanning tunneling
microscope electrodes [178], and has been described previously for the electrochemical
synthesis of PEDOT:PSS conducting polymer wires [165]. Gold wire was submersed ∼1
mm in hydrochloric acid (6 M). Coiled platinum wire (0.3 mm diameter, 99.9%, Alfa Ae-
sar, 43014-BU) served as the counter-electrode. A function generator (Agilent 33120A)
provided a 10 Hz full square wave, ± 5 V amplitude. Etching for ∼90 s yielded tip diam-
eters < 100 nm. After etching, gold electrodes were rinsed with ethanol, then water, and
dried under nitrogen. Gold electrodes were plasma cleaned (Harrick) for 15 seconds before
use. During microwire synthesis, the gold electrodes were spaced 50 µm apart (tip-to-tip).
Polymerization was carried out using a function generator (Agilent, 33120A, Santa Clara,
CA) supplying an alternating, square-wave voltage (0.1 kHz – 5 kHz) across the two gold
electrodes. Conducting polymer wire diameter was measured using a scanning electron
microscope (SEM, Hitachi, SU8230, Tokyo, Japan). Conducting polymer wire length was
measured using brightfield microscopy (Olympus IX71, 60x objective, Tokyo, Japan and
Andor iXon CCD camera, Belfast, UK). Conductivity was measured with two-point probe
using a sourcemeter (Keithley, 2400, Solon, OH) to sweep the voltage between -1 and +1 V
while measuring current. Resistance was calculated from the inverse slope of the current-
voltage curves. Conductivity was determined using diameter and length measurements
obtained from microscopy images.
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3.3.2 Cell culture
Neonatal rat cardiomyocytes were a gift from Prof. Hee Cheol Cho at Georgia Tech and
Emory University. Glass bottom cell culture dishes (3.5 cm, MatTek, P35G-0.170-14-C,
Ashland, MA) were coated with 40 µg mL-1 – 250 µg mL-1 fibronectin (356008, Corning,
NY) in phosphate-buffered saline (PBS, 14190144, Invitrogen, Carlsbad, CA) for at least
1 hour prior to seeding cells. Culture medium consisted of M199 medium (M4530-1L,
Sigma-Aldrich) supplemented with 10 mM HEPES, 0.1 mM MEM non-essential amino
acids, 3.5 mg mL-1 glucose, 2 mM L-glutamine, 4 µg mL-1 vitamin B12, and 100 U mL-1
streptavidin/penicillin. This medium was supplemented with 10 % FBS for the first two
days of culture and 2 % for the third day. Cells were used within 3 days of culture (37
◦C and 5 % carbon dioxide). Prior to experiments, cells were rinsed with Tyrode’s solu-
tion (137 mM NaCl, 4 mM KCl, 1.8 mM CaCl2, 1 mM MgCl2, 10 mM HEPES, 10 mM
glucose) at 37 ◦C.
Human cervical carcinoma cells (HeLa, CCL-2, ATCC, Manassas, VA) were cultured
in Minimum Essential Medium (MEM, 61100, Invitrogen) supplemented with 10 % fetal
bovine serum (FBS, 10437028, Invitrogen) at 37 ◦C and 5 % carbon dioxide. On the day be-
fore experiments, MEM with phenol red was replaced with phenol red-free MEM (51200-
038, Gibco/Thermo Fisher, Waltham, MA) to reduce background fluorescence. Cells were
passaged every 3 – 4 days. Propidium iodide (PI, P1304MP, Invitrogen) was added to the
cells for a final concentration of 500 µM 10 minutes prior to experiments.
3.3.3 Cardiomyocyte stimulation and analysis
Following electrochemical polymerization, PEDOT:PSS microwires were removed from
the monomer solution and placed in a cell culture dish containing the cardiomyocytes.
Micromanipulators were used to position the microwires. Modulation was carried out in
Tyrode’s solution at room temperature. Cathodic-led biphasic voltage pulses were deliv-
ered at 1 Hz with a pulse width of 1 ms and an interphase period of 1 ms (Keithley 2400
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sourcemeter). Throughout this process, the cells were imaged at 10 fps using brightfield
microscopy (Olympus IX71, 60x objective, Andor iXon CCD camera). Contraction of
cardiomyocytes was analyzed using Tracker version 4.96 (Douglas Brown, Open Source
Physics, http://physlets.org/tracker/index.html) video tracking software.
COMSOL Multiphysics modeling software (COMSOL, Palo Alto, CA) was used to
calculate the electric flux at the plasma membrane. The conducting polymer microwires
expose cells to a nonuniform electric field. The shape of this field depends on the geometry,
conductivity, potential, and position of the PEDOT:PSS wires. These parameters were used
in COMSOL simulations to model the instantaneous, nonuniform, electric field generated
by each experimentally applied pair of voltage and conducting polymer wire separations.
The electric field distribution was integrated over the area of the cell membrane to obtain
electric flux. The membrane area was approximated by a rectangle with a height of 5 µm
and a width equal to the width of the cell. The rectangular cross section was positioned
and angled with respect to the position and axis of the conducting polymer wire to match
experimental conditions. The microwire geometry was approximated as a cylinder with a
hemisphere located at the microwire tip. The gold electrode was modeled as a cone with the
tip placed 5 µm within the base of conducting polymer wire. The length of the conducting
polymer wire was defined as the distance from the tip of the gold electrode to the tip of
the conducting polymer wire. Electrical conductivity of gold, PEDOT:PSS, and the PBS
solution was 456,000 S cm-1 (COMSOL-provided value), 37 S cm-1 (approximate average
for microwires ≥ 1 µm diameter), and 1.5 S m-1 (approximated using a supplier-provided
value for PBS), respectively. Voltage boundary conditions were applied at the base of the
gold electrode cones. Electric flux values (Figure 3.1) were obtained for cross-sectional
rectangles positioned between 0.25 µm and 48 µm from the tip of the conducting polymer
wire near the cell. Rectangular cross-sections were spaced by 1 µm and 2 µm for positions
between 0 – 8 µm and 8 – 48 µm, respectively.
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Figure 3.1: The minimum electric flux required for cellular modulation was found by varying the distance
between the microwires and determining the point at which cardiomyocyte contractions became irregular (<
9 consecutive contractions). 8 different microwires and 19 different cardiomyocyte cells were tested in 71
experiments. The cathode position was held constant. (a) The calculated electric flux (COMSOL) is plotted
for each data point in Figure 3b as a function of distance from the working electrode where 0 is at the tip of
the cathode. (b) The threshold electric field flux for each curve at 6 µm from the tip of the working electrode
is nearly constant (2.13 ± 0.65 mV mm).
3.3.4 Charge storage density from current transients
Electrical current curves of PEDOT:PSS microwires and gold electrodes were measured
for 1 V voltage steps. Surface area was controlled using a micromanipulator to position the
microwire or gold electrode in a droplet of PBS in electrical contact with a large carbon
counter electrode (Figure 3.2a). Controlling the microwire immersion depth removed the
charge contribution from the uninsulated gold electrode allowing us and to measure charge
storage as a function of microwire geometry. To prevent the microwires from breaking
at the air-water interface, coverslips with a hydrophobic layer of trichloro(1H,1H,2H,2H-
perfluorooctyl)silane (448931, Sigma-Aldrich) were used to increase the PBS contact an-
gle, allowing the microwire to be inserted and removed from the droplet perpendicular to
the air-water interface. A 1 V voltage step was applied to the microwires for 20 – 30 ms
at a frequency of 1 Hz. The current was measured using a current-to-voltage converter
constructed using a high-impedance operational amplifier with a gain of 105. The propor-
tional voltage was recorded using an oscilloscope (TBS1064, Tektronix, Beaverton, OR) at
a sample rate of 250 kHz. Microscope images were used to measure the microwire immer-
sion depth for each corresponding current transient (Figure 3.2b). Custom Igor Pro code
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Figure 3.2: Measurement of current transients (Figure 3.6). (a) Schematic of the immersion method used
to obtain current transients of PEDOT:PSS microwires. Following microwire synthesis, a micromanipulator
on an inverted microscope was used to control the electrochemical area of the microwire in a 200 L drop of
phosphate buffered saline (PBS) on a hydrophobic slide. A source meter applied a -1 V cathodic step between
the microwire and a large carbon-counter electrode. Current was amplified with a transimpedance amplifier
and read using an oscilloscope. (b) Brightfield images showing a 2 kHz microwire immersed at different
depths in a PBS droplet.
was used to calculate charge storage by integrating the area under each current transient.
3.3.5 Electric flux for neonatal cardiomyocyte stimulation
COMSOL Multiphysics modeling software (COMSOL, Palo Alto, CA) was used to calcu-
late the electric flux at the plasma membrane. The conducting polymer microwires expose
cells to a nonuniform electric field. The shape of this field depends on the geometry, con-
ductivity, potential, and position of the PEDOT:PSS wires. These parameters were used
in COMSOL simulations to model the instantaneous, nonuniform, electric field generated
by each experimentally applied pair of voltage and conducting polymer wire separations.
The electric field distribution was integrated over the area of the cell membrane to obtain
electric flux. The membrane area was approximated by a rectangle with a height of 5 µm
and a width equal to the width of the cell. The rectangular cross section was positioned
and angled with respect to the position and axis of the conducting polymer wire to match
experimental conditions. The microwire geometry was approximated as a cylinder with a
hemisphere located at the microwire tip. The gold electrode was modeled as a cone with
the tip placed 5 µm within the base of conducting polymer wire. The length of the conduct-
ing polymer wire was defined as the distance from the tip of the gold electrode to the tip
45
of the conducting polymer wire. Electrical conductivity of gold, PEDOT:PSS, and the PBS
solution was 456,000 S cm-1 (COMSOL-provided value), 37 S cm-1 (approximate average
for microwires ∼1 µm diameter), and 1.5 S cm-1 (approximated using a supplier-provided
value for PBS), respectively. Voltage boundary conditions were applied at the base of the
gold electrode cones. Electric flux values (Figure 3.1) were obtained for cross-sectional
rectangles positioned between 0.25 µm and 48 µm from the tip of the conducting polymer
wire near the cell. Rectangular cross-sections were spaced by 1 µm and 2 µm for positions
between 0-8 µm and 8-48 µm, respectively.
3.4 Results and discussion
3.4.1 PEDOT:PSS microwire diameter dependence on frequency
The electrochemical synthesis of PEDOT:PSS conducting polymer nano- and microwires
has been described previously [158, 159, 165, 204]. In brief, the wires are grown in an
aqueous solution containing EDOT (10 mM) monomer and PSS (20 mM) from the tip of a
sharp gold electrode, using a second gold electrode to shape the electric field. The length of
the wire is controlled by the spacing of the two gold electrodes during the electrochemical
polymerization. Microwire diameter is controlled by the frequency (0.1 – 5 kHz) of the AC
voltage (± 1 – 3 V, square wave) used for the polymerization (Figure 3.3a), similar to the
approach used for gold and iridium nanowires [156]. Microwire diameters were measured
with SEM. Although it is possible to synthesize wires with diameters of 150 nm (100 kHz),
micron-diameter wires were used in the experiments described below. Conductivity of the
microwires were measured by two-point probe (Figure 3.3b) with values ranging from 11
S cm-1 to 80 S cm-1. Average conductivity for PEDOT:PSS wires synthesized in our lab is
33 ± 21 S cm-1 (n = 18 wires). Previous work has reported conductivities of ∼8.0 S cm-1
for PEDOT:PSS wires (340 nm diameter) synthesized using an identical approach [158].
The variation in conductivity is likely due to variation in the distribution of the electri-
cally conductive PEDOT and insulating PSS that occurs during the electropolymerization
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Figure 3.3: Characterization of PEDOT:PSS microwires. (a) Microwire diameter as a function of the AC
frequency used for electrochemical polymerization. Data was obtained from SEM images for n ≥ 3 different
microwires. The dashed line shows the best fit to the data. Error bars represent ± standard deviation of the
mean. The inset shows a representative SEM image of a PEDOT:PSS microwire grown using a 500 Hz square
wave. (b) Conductivity of PEDOT:PSS microwires as a function of wire diameter. (n = 8, two values overlap)
process.
3.4.2 Cardiomyocyte stimulation
The physiological activity of neurons, muscle cells, and heart cells depends on action poten-
tials, rapid changes in ion gradients. For cardiomyocytes, action potentials are associated
with cellular contractions, the familiar ’beating.’ We tested the microwires to determine
if they could modulate the action potentials of neonatal rat cardiomyocytes. Induction of
an action potential was measured by tracking the displacement of a region of the plasma
membrane of individual cells. Two microwires (3.0 µm diameter, 11 µm length), serving as
an electrode and counter-electrode, were placed in solution next to a cell of interest (Figure
2a). In the absence of an applied voltage, there is occasional spontaneous beating, with the
cell contracting infrequently (Figure 3.4b, top). Applying a ± 1 V biphasic pulse, the cell
beats in response to the frequency (1 Hz) of the applied voltage (Figure 2b, bottom).
Subsequent experiments determined the microwire and electrical parameters necessary
to induce an action potential in the cardiomyocytes (Figure 3.5). Successful modulation
was defined as regular (∼3) contractions in response to the applied voltage, in comparison
to skipped, irregular (< 3), contractions (Figure 3.5a). As expected, modulation is sensitive
to microwire diameter, length, spacing, and applied voltage (Figure 3.5b). Wire diameter
47
Figure 3.4: Electrical modulation of a cardiomyocyte. (a) Brightfield microscopy image of a neonatal
cardiomyocyte showing the two microwires positioned for modulation (3.0 µm diameter, 11 µm long). In this
image, the working electrode is on the right. (b) Cell contractions are recorded by tracking the displacement
of a region of the cell in response to an applied voltage (red, 1 V biphasic pulse, 1 ms, 1 Hz). This example
is representative of experiments with 40 distinct cardiomyocytes.
and length can be considered together as an aspect ratio (length diameter-1). Spacing is
defined as the distance between the two conducting polymer wires serving as electrode and
counter-electrode. The distance between the working electrode and the plasma membrane
of the cell was held nearly constant (2.31 µm ± 1.32 µm) for all experiments as the mod-
ulation of action potentials is very sensitive to this distance. These experiments show that
long or narrow microwires require a greater voltage or shorter inter-wire distance to induce
an action potential. Ultimately, these three parameters (aspect ratio, spacing, and applied
voltage) converge on a minimum electric flux required to induce regular action potentials
(Figure 3.1). Previous studies with cardiomyocytes (chick, guinea pig, and canine, 10 ms
stimulus) and conventional bulk electrodes have found that a minimum uniform electric
field of 0.14 V mm-1 – 2.25 V mm-1 is required for the stimulation of single cells, depend-
ing on the cell source and direction of the applied field (parallel or perpendicular) [205–
207]. In comparison, an average electric field of 6.2 ± 1.9 V mm-1 was required in our
experiments (n = 71 experiments using 19 cells and 8 wires, Figure S1), in good agree-
ment considering the use of a non-uniform electrical field and differences in cell types and
experimental approach.
We carried out control experiments, testing 13 cells with 7 different pairs of gold elec-
trodes, to ensure that the sharp gold electrodes used to synthesize the microwires were not
responsible for the modulation of action potentials. The gold sharp electrodes were not
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Figure 3.5: A combination of wire diameter, length, applied voltage, and wire spacing determine whether
the electric flux at the cell is sufficient for cellular modulation. (a) Successful modulation was determined by
observing cell contractions (black) in response to an applied voltage (red), measured using video tracking of
a portion of the cell. Insufficient flux resulted in irregular contractions. This example, in which the distance
between the wires was increased at 80 s, shows a maximum of 3 consecutive contractions at the increased
spacing. (b) Modulation data from 8 different wires tested on 19 different cells as a function of aspect ratio
(length/diameter) of the working electrode, separation between the wires, and voltage. Circle size represents
wire aspect ratio.
capable of cellular modulation, independent of voltage or spacing between electrodes. To
understand this difference, we measured the charge storage density of the conducting poly-
mer microwires and gold electrodes by analyzing current transients in response to a 1 V
pulse (Figure 3.6). The surface area of each microwire was controlled by immersion into
an electrolyte solution of phosphate buffered saline (PBS, Figure 3.2). Current transients
were integrated with respect to time to obtain the total charge transferred by the microwire
and normalized by the surface area of the microwire. While the electric field at the sharp
tip of the gold electrodes is extremely high (∼1 kV mm-1 based on COMSOL simulations),
when the electric field is multiplied by its small surface area at the cell membrane a very
small electric field flux is present, consistent with the inability of these bare gold electrodes
to induce action potentials cardiomyocytes.
The measurement of current transients also points towards the minimum electric flux
required for cellular modulation. Thinner PEDOT:PSS wires (1.5 µm diameter, 8.5 µm
length; 1 V, 1 Hz) did not induce action potentials in the cardiomyocytes. Using a conduc-
tivity of 1.5 S m-1 to describe the surrounding cell culture media and an electric flux of 2.13
0.65 mV mm (n = 71 experiments using 19 cells and 8 wires, Figure S1), we estimate an
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Figure 3.6: Induction of action potentials requires conducting polymer microwires. (a) Representative
electrical current transients recorded from a PEDOT:PSS microwire (blue, 3.1 µm diameter) and a gold
electrode. Electrical current from a 1 V step was amplified using a transimpedance amplifier and recorded
with an oscilloscope. Surface area was varied by controlling the length of microwire or electrode immersed
in a buffer solution (Figure 3.2). (b) Charge storage density of a gold electrode and conducting polymer
microwires. Charge per area was obtained by integrating the current transients in (a) and normalizing them
to geometric surface area by approximating the microwire as a cylinder.
instantaneous membrane current of 3.2 µA is required for stimulation, assuming a cellular
cross-sectional area of 345 µm2.
3.4.3 HeLa cell health due to microwire stimulation
Cell health following the use of microwires was tested using propidium iodide (PI), a flu-
orogenic dye that binds to nucleic acids. Healthy cells with intact membranes are imper-
meable to PI, appearing dark in a fluorescence microscopy image. If the cell membrane
is damaged, PI enters the cells, leading to a fluorescent cell. Human cervical cancer cells
(HeLa) were incubated with PI (500 µM, 10 min pre-incubation) and a voltage was applied
to the cells (4.9 µm diameter (average), 4.5 – 21 µm long wires, ± 1 V, 1 Hz, biphasic),
similar to conditions used for cardiomyocytes (Figure 3.4). We recorded brightfield and
fluorescence images before and after 1000 pulses from the microwires. In comparison,
experiments with the cardiomyocyte typically measured action potentials for 100 pulses,
with each pulse inducing an action potential. No sign of PI internalization was observed,
indicating that the microwires and applied voltage do not damage the plasma membrane.
We did test the limits of plasma membrane integrity using extremely high voltages (± 5 V
and ± 10 V, Figure 3.8). At ± 10 V (4.9 µm diameter (average), 4.5 – 21 µm long wires, 1
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Figure 3.7: The plasma membrane is not disrupted by microwire activity. (a) Overlaid brightfield and
fluorescence microscopy images of microwires and a HeLa cell, incubated with PI (500 µM, red), prior to an
applied voltage. The cell debris at the top of the image appear red because the plasma membrane is disrupted
making them permeable to PI. (b) The same cell was imaged after the microwires (left wire = 5 µm diameter,
21 µm long; right wire = 7.5 µm diameter, 4.5 µm long) were used to deliver 1000 consecutive pulses (1 V, 1
Hz, biphasic). Identical experiments were carried out for three different wires, testing 3 cells with each wire
(n = 9 cells in total).
Hz, biphasic, 60 pulses) some cell death was detected. No cell death was detected at± 5 V
following 60 pulses. At longer times and/or higher voltages, electrolysis of water damaged
the cells.
3.5 Conclusions
These conducting polymer wires, with small, easily tuned diameters (860 nm – 4.5 µm) and
moderate conductivities (33 ± 21 S cm-1) (Figure 3.3) provide a new, much less invasive,
tool for the control of action potentials (Figure 3.4). In comparison to surface microelec-
trodes, microwires, positioned by micromanipulators, provide a straight-forward config-
uration to address single cells. Physically, the conducting polymer wires control the ion
concentration at the plasma membrane. They do not penetrate or even contact the plasma
membrane. In comparison to patch-clamping, the ability to induce an action potential by
only placing the microwires near a cell is expected to have a much greater throughput for
experiments. The activity of the wires depends on wire diameter, length, spacing, and ap-
plied voltage (Figure 3.5), which can be considered as a minimum electric flux required
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Figure 3.8: Cytotoxicity test of PEDOT:PSS microwire modulation using HeLa cells incubated with pro-
pidium iodide (PI). PI is a cell impermeant fluorogenic dye that only enters cells or cell debris with a perme-
abilized membrane, indicating that the cells are damaged. (a) Brightfield microscopy image of PEDOT:PSS
microwires placed near the membrane of a HeLa cell and (b) corresponding fluorescence microscopy image
with PI (500 µM, red) present in the cell culture medium. The fluorescent signal present in these images
shows that the plasma membrane of the cell debris is permeabilized prior to microwire activity. (c) Following
60 pulses at 5 V (1 Hz, biphasic) the cell debris internalize additional PI. The adherent cells remain healthy.
(d) After an additional 60 pulses, now at 10 V (1 Hz, biphasic), two dead cells are observed as the new
fluorescent signal (indicated by arrows).
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for modulation. The electric flux delivered by the microwires does not damage the plasma
membrane at the levels required for modulation (Figure 3.7). Similar experiments using
conducting polymer wires to control the resting membrane potential of E. coli also showed
that these microwires do not damage cells [204].
The advantage of the conducting polymer microwires compared to conventional bulk
electrodes, which have been used previously to stimulate chick, guinea pig, and canine
cardiomyocytes [205–207], or even patterned substrates, is the small, sub-cellular, diam-
eter of the microwires. Our previous work using similar conducting polymer microwires
to control local protein concentration and the resting membrane potential of E. coli sug-
gests a < 50 µm distance of activity [165, 204], which will make these microwires useful
for cellular-level studies, such as neural mapping, where the localized modulation of an
action potential is required. Future work will be necessary to measure the distance of ac-
tivity both in cell-free systems and for the modulation of action potentials in monolayers
of cells. Most similar to the conducting polymer microwires are single crystalline gold
nanowires (∼100 nm), which have been used for neural recording, including the detection
of the site of epileptic spikes [188], and the triggered release of dopamine [208], These
gold nanowires have a similar advantage of sub-cellular control and low Young’s modulus,
although device construction is quite difficult. Individual tungsten tips are attached to indi-
vidual gold nanowires with a conductive carbon paste [188]. In comparison, the conducting
polymer wires are synthesized directly from a gold electrode forming the device in a sin-
gle step. Overall, we expect the conducting polymer wires will provide a new tool for the
modulation and mapping of action potentials. The small diameter will allow cellular-level
control and the relatively low Young’s modulus (∼1GPa) [156] suggests they will be a less
invasive tool for future in vivo studies.
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CHAPTER 4
MEMBRANE POTENTIAL CHANGES IN POLYMER INDUCED ELECTRIC
FIELDS
4.1 Overview
PEDOT:PSS conductive polymer wires have previously been tested as single cell stim-
ulation electrodes using cardiomyocytes. Various polymer wire dimensions were used to
stimulate individual cardiomyocytes at various voltages and wire locations. Cardiomyocyte
contraction was used as a digital indicator of successful electrical stimulation by polymer
wires. Using 1 V as the upper voltage limit, the minimum dimensions for a wire used
to stimulate a single cell was found to be around 2 x 27 µm. However, cardiomyocytes
can typically contract spontaneously, without stimulation, and their response to stimulation
varies based on their health and shape.
Here, patch clamping was used to directly measure membrane potential of HEK cells
in response to a nonuniform electric field generated by PEDOT:PSS polymer stubs (small
cylindrical deposits) and wires. The field generated by stubs and wires smaller than 2 x 27
µm is investigated and compared to larger polymer dimensions. A COMSOL model is built
to reproduce the potential fields generated by polymer stubs and wires. The first part of this
research focuses on characterizing the electrochemical surface properties of PEDOT:PSS
and bare gold to provide accurate material properties for the model. Surface impedance
values from conventional techniques, such as electrical impedance spectroscopy (EIS), are
compared to uniform potential fields measured in situ using a glass pipette microelectrode.
Polymer stubs and wires are then placed near HEK cells during 1 V, 1 kHz sinusoidal
stimulation. Changes in membrane potential were measured directly using patch clamp-
ing. The results were then compared to the model in the context of potential field shape
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and magnitude. Uniform fields generated by bare gold and measured with a glass pipette
closely matched the surface impedance values obtained from EIS measurements. Uni-
form fields generated by PEDOT:PSS, however, were underestimated by EIS by almost an
order of magnitude. Nonuniform potential measurements were conducted for cylindrical
PEDOT:PSS stubs at the end of sharp gold electrodes. The model consistently underesti-
mated the field generated by stubs with diameters greater than 2 µm and overestimated for
diameters less than 2 µm.
The discrepancy for smaller diameters wa s likely due to the limitations of using a
time averaged surface impedance in a static model. Time-dependent studies suggest that
the capacitance of the small stub diameters may be too small to measure with local field
potentials under a 1 kHz excitation. Underestimation of larger diameter stubs may be
due to using a spatially-averaged surface impedance that does not account for the three-
dimensional charge interaction in a porous polymer matrix. Patch clamping results of HEK
cells in nonuniform potential fields indicate that cell membrane potential roughly matched
the model-predicted potential field generated by PEDOT:PSS structures at the cell mem-
brane. The model tested surface impedance values obtained from both uniform potential
mapping, nonuniform potential mapping, and EIS. Interestingly, uniform field derived sur-
face impedance values were found to be more accurate for polymer stub diameters greater
than 2 µm. The field generated at cells using smaller diameter stubs and wires were over-
estimated in all cases. These results have implications regarding the dimensional limits
in which a Neumann boundary condition can be used to accurately model potential fields
generated by porous, low surface impedance materials.
4.2 Materials and methods
4.2.1 Polymer film synthesis
Gold wire was vertically immersed 4 mm (for EIS) or 8 mm (for field mapping) into a 10
mL solution of 10 mM EDOT and 20 mM PSS in a rectangular polystyrene chamber on
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a glass coverslip (Lab-Tek R©Glass Chamber Slide). A coiled platinum wire served as the
counter electrode with a custom made Ag/AgCl reference microelectrode placed as close to
the gold working electrode as possible. Short constant current pulses of 13 nA mm-2 were
applied using a Keithley 2400 sourcemeter controlled by an in house Igor Pro script. The
applied voltage was monitored in situ during polymerization as a preliminary indication
of relative changes in surface impedance. The voltage from 5 pulses each of 1, 10, and
100 ms in duration were applied repeatedly until the desired charge deposition density of
PEDOT:PSS was achieved. Charge deposition densities of 2, 10, 20, and 50 mC cm-2 were
used. Scanning electron microscopy was used to image film morphology at each charge
deposition density.
4.2.2 Polymer stub synthesis
Isolated cylindrical polymer stubs at the tips of gold electrodes were fabricated for electric
field mapping and cell stimulation studies. Custom, sharp gold electrodes were fabricated
as previously described [150, 165]. Briefly, 0.2 mm gold wire was etched in 6 M HCl using
a 10 Hz, +7 V rectified square wave. Each gold electrode was rinsed in 70% ethanol and
plasma cleaned on high for 20 seconds before use. Two, three-axis manual micromanipula-
tors were used to position the tip of one gold electrode into the field of view of an Olympus
inverted microscope at 64x magnification. A 300 µL drop of an aqueous solution contain-
ing 10 mM EDOT and 20 mM PSS was added to a glass cover slip. Glass coverslips were
treated with a hydrophobic layer to increase the contact angle of the droplets and allow the
gold electrode tip to be inserted perpendicularly to the air/liquid interface [150]. The tip of
the gold electrode was inserted only 5 – 10 µm into the monomer solution to ensure that
the rest of the gold electrode remained uncoated. A coiled platinum wire was used as the
counter electrode. Polymerization at the gold tip was performed with 2 second pulses at a
constant voltage of +900 mV vs. Ag/AgCl reference microelectrode using a Keithley 2400
sourcemeter controlled by an in house Igor Pro script. Electropolymerization was observed
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to occur more rapidly at the air water interface onto the gold, which created undesirable
polymer geometries. Therefore, each gold electrode was slowly retracted from the solution
during polymerization using the micromanipulator. Electrode retraction during each pulse
promoted uniform polymerization and formed a cylindrical polymer geometry at the elec-
trode tip. Larger diameter polymer stubs were obtained by repeating this process for up to
six additional pulses. The monomer solution was replenished after every three stubs.
4.2.3 Self-assembled monolayer deposition for gold insulation
Gold was electrochemical insulated using a 1-dodecanethiol self-assembled monolayer
(SAM) coating [209]. Gold wire and electrodes were first electrochemically etched for
a few seconds in 6 M HCl using a 10 V, 10 Hz rectified square wave. Gold electrodes were
rinsed in 70% ethanol and then plasma cleaned on high for 20 s. Electrodes were then
immersed in a 10 mM solution of 1-Dodecanethiol in 100% ethanol for at least 18 hours.
Electrodes were then finally rinsed in 70% ethanol.
4.2.4 Polymer wire synthesis on insulated gold
Sharp gold electrodes were etched and electrically insulated with a SAM prior to wire
growth. Two electrodes were positioned with manipulators under a microscope in air. The
tips of the electrodes were brought into contact to create an electrical short while a 3 V,
10 kHz full square wave was applied using an Agilent 33120A function generator. The
high current concentration melted the tips and locally destroyed the ordered SAM coating.
The electrodes with exposed tips were then fully inserted into 100 µL of the EDOT and
PSS monomer solution. The tips were placed as close as possible, typically within 10 µm,
to minimize the required voltage needed for wire growth. A 1 – 3 kHz square wave was
applied between the electrodes to initiate wire polymerization depending on the desired
diameter as previously described [165]. The voltage amplitude was increased until poly-
mer wire formation was observed. Images before and after wire synthesis revealed small
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deposits of polymer formation at various defect sites in the SAM coating. These polymer
deposits were visibly removed prior to cell experiments using a mixture of NH4OH-H2O2-
H2O [210] in the presence of a rectified square wave with an amplitude of 3 V and at a
frequency of 10 kHz. The polymer wire was protected from the cleaning solution by keep-
ing it in air during the cleaning process. Electric potential mapping revealed that electrodes
cleaned in this way exhibited a surface impedance similar to that of SAM-coated gold.
4.2.5 Conductivity
Conductivity was found from two-point probe resistance measurements across several PE-
DOT:PSS wires. Polymer wires were removed from the monomer solution following
growth and inserted into a 100 µL drop of deionized water. Water was used to eliminate
current contributions from ionic double layer charging while still maintaining an aqueous
environment. PEDOT:PSS has previously been shown to have a similar conductivity in wa-
ter and electrolyte solutions [133]. A clean, sharp gold counter electrode was brought into
contact with the wire in water. Contact resistance can vary significantly between polymer
and metal since the surface of the polymer is a rough matrix with a nonuniform distribution
of conducting regions. A 10 kHz square wave with an amplitude of 1 – 3 V was applied
up to 60 s to temporarily establish ohmic contact between the counter gold electrode and
the wire. Immediately after fusion, resistance measurements were obtained by sweeping
an applied voltage between -1 and +1 V. Several trials were performed while increasing
fusion voltage by 100 mV until the measured resistance decreased to a minimum value.
The resistance was determined from the slope of current vs. voltage curves using a linear
regression (Figure 4.1). The trial that yielded the lowest resistance was used for each mea-
surement to maximize consistency. Contact resistance was still found to be significant and
was accounted for by repeating resistance measurements at several points along the wire
(Figure 4.2a). The resistance was plotted as a function of position along the wire (Figure
4.2b). The slope was used to determine resistivity of the wire, which is independent of
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Figure 4.1: Representative current-voltage (IV) curves along a PEDOT:PSS wire with a diameter of 570
nm. IV curves were obtained for n = 9 wires.
Figure 4.2: (a) Microscope images showing a sharp bare gold electrode (left) applying a voltage at several
points along the same PEDOT:PSS wire. (b) Representative resistance values obtained at each location along
the wire shown in (a).
contact resistance.
4.2.6 Electrical impedance spectroscopy
Bare gold and PEDOT:PSS coated gold electrodes at charge densities of 2, 10, 20, and 50
mC cm-2 were vertically immersed into a beaker filled with HEK extracellular medium.
A custom Ag/AgCl reference microelectrode was placed as close to the working electrode
as possible with a coiled platinum wire as the counter electrode. A C60 Electrochemical
Workstation and software was used to perform electrical impedance spectroscopy (EIS) on
the working electrode. A voltage magnitude of 400 mV was used to test the impedance
of the working electrode between the frequencies of 1 Hz and 100 kHz. The working
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Figure 4.3: Equivalent circuit model used for EIS fitting where Cf is the film capacitance, Rf is the film
resistance, CDL, is the electric double layer capacitance, Rct is the faradaic charge transfer resistance and Rsol
is the solution resistance.
electrode was tested at different depths of 1, 2, and 3 mm. A corkscrew lift was used to
control the immersion depth by adjusting the beaker height with a resolution of 10 µm
(Thorlabs LJ750).
The Ellis2 external package for Igor Pro was used for impedance curve fitting. PE-
DOT:PSS EIS data was fit using the equivalent circuit shown in Figure 4.3. The circuit
consists of two Randles circuits in series with a third resistor for the electrolyte resistance.
A similar model has been previously proposed for conductive polymer films [211, 212].
The authors used Voigt elements by changing the capacitors to constant phase elements
(CPE). The CPE models a nonideal capacitor with a power coefficient between 0 and 1,
where 1 is for an ideal capacitor. However, results found that the power coefficient was >
0.95, indicating near ideal capacitor behavior. The resistor in each Randles circuit models
the charge transfer resistance. One Randles circuit represents the impedance due to the
double layer capacitance at the polymer/electrolyte interface while the second Randles cir-
cuit models the hole/ion diffusion within the polymer up to the gold substrate [133, 213].
Representative fits using this circuit are shown in Figure 4.4. Frequencies between 300 Hz
and 10 kHz were used for fitting since the model was found to converge faster and yielded
more consistent residuals. The impedance magnitude at 1 kHz was found by interpolation
between the frequencies of 967 and 1170 kHz.
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Figure 4.4: Representative electrical impedance spectroscopy data presented in a Nyquist plot for 50 mC
cm-2 PEDOT:PSS. EIS was obtained for n = 3 trials for each charge density as well as bare gold.
4.2.7 Cyclic voltammetry
A Keithley 2400 sourcemeter controlled using Igor was used to perform a voltage poten-
tial sweep for cyclic voltammetry. A custom Ag/AgCl reference electrode and a coiled
platinum counter electrode were used and placed in a 10 mL microscope dish with HEK
extracellular as the electrolyte medium. The working electrode was vertically inserted into
the electrolyte using a micromanipulator, similar to the film deposition arrangement. Volt-
age was swept between -0.6 V and +0.8 V vs. Ag/AgCl at a scan rate of 500 V s-1.
4.2.8 Human Embryonic Kidney (HEK) cells
Human embryonic kidney (HEK) cells were thawed from cryo storage. HEK cells were
cultured in MEM + 10% FBS and incubated at 37 ◦C and 5% CO2. HEK cells used
for stimulation experiments were cultured on coverslips pre-treated with PDL. Coverslips
with cells were culture in 12-well plates with 2 mL of medium and used within 3 – 4
days of initial seeding. HEK extracellular medium was used for all experiments unless




Patch clamping was performed using the same system and software programs used for
potential field mapping. Patch pipettes were pulled using a Sutter P1000. Pipettes were
filled with 20 µL of HEK intracellular solution. Pipette potential and parasitic capacitance
was nulled when the tip was near the testing region. Pipettes with resistances between 2 and
8 MΩ were used. A fresh pipette was used for each cell experiment. A coverslip containing
HEK cells was placed in the polystyrene dish and held in place using a small amount of
silly putty.
4.2.10 Uniform electric field mapping
Surface impedance is dependent on the material and condition at the electrode/electrolyte
interface and is significant factor in determining electric field generated by a voltage-
excited electrode in solution. A 50 mm polystyrene petri dish filled with 40 mL of HEK
extracellular solution at room temperature was used for all experiments. A mobile glass
pipette electrode, typically used for patch clamping, was employed here to directly mea-
sure local field potentials generated by polymer and gold electrodes with an applied voltage.
Two straight 0.2 x 8 mm wires were attached to micromanipulators and oriented parallel
with respect to each other. An upright microscope with a 40x water immersion objective
was used to view the electrodes. Wires were placed 400 µm apart to create a uniform
electric field. All distances were measured by translating the pipette tip with a three-axis
piezoelectric manipulator and reading out displacement using LinLab 2 (Scientifica soft-
ware). A 1 kHz sine wave with an amplitude between 0.1 and 1 V was applied between
each set of electrodes using an external stimulator (World Precision Instruments, DS8000)
and stimulus isolator (World Precision Instruments, DLS100). The local field potential was
measured from the pipette with respect to a distant Ag/AgCl electrode in solution. The
peak-to-peak voltage potential was measured using an in-house Labview program. Poten-
tial was recorded at distances between 25 and 375 µm from the edge of one electrode at
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25 µm increments. Potential maps were obtained for three different pairs of bare gold,
SAM-coated gold, and 50 mC cm-2 PEDOT:PSS-coated gold electrodes. All experiments
were carried out inside of a wire mesh faraday cage to reduce electric noise to below 1 mV
peak-to-peak.
4.2.11 HEK cell stimulation
Before patching, one of the polymer wires (i.e. the working electrode) was fixed such that
the tip was 10 µm above the substrate at the edge of the cell. The mobile counter wire was
manipulated using a Scientifica 3-axis piezoelectric micromanipulator with a resolution
of 100 nm. The tip of the counter wire was also positioned 10 µm above the substrate
and initially placed at a tip-to-tip distance of 25 µm from the working electrode. The
patch pipette pressure was then set to atmospheric and lowered to form a gigaseal on the
membrane of the target cell. A gigaseal was achieved when the pipette resistance measured
between 1 – 4 MΩ. The pipette potential and capacitance was nulled again after a gigaseal
was achieved. A 1 kHz, 1 V amplitude sine wave was applied between the polymer wires
or gold electrodes using an external stimulator for all experiments. Pipette potential was
recorded during stimulation in the gigaseal state to determine the potential contribution
due to parasitic capacitance of the pipette. Recordings were taken during stimulation for
counter wire distances of 25, 50, 100, and 500 µm defined with respect to the tip of the wire
fixed at the end of the cell membrane. The results of these measurements are referred to
here as ’sealed.’ The peak-to-peak potentials measured in the sealed state were assumped to
be due to parasitic capacitance of the pipette and were subtracted from peak-to-peak values
measured in the patch state. A negative pressure pulse was applied to the pipette to break
into the HEK cell. Break-in was determined when the pipette resistance dropped below
100 MΩ and a stable negative membrane potential was observed (typically near -50 mV).
Pipette potential measurements were then repeated in the ’patched’ state with the same
stimulation parameters and at the same counter wire distances as performed in the sealed
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state. Finally, a high positive pressure was applied to the pipette to burst the cell with the
pipette in place. Pipette potential measurements were then repeated in the ’broken’ state
with the same stimulation parameters and at the same counter wire distances as performed
in the sealed and patched states.
All voltage potential data was captured in current clamp mode at a rate of 40 kHz for
a total of 9 seconds, which was divided into 3 acquisition files. Images of the cells during
each recording were captured. Potential measurements were taken without stimulation for
each cell and found to be less than 1 mV peak-to-peak in all cases. All pipette potential
data was analyzed using a custom Igor Pro script. Peak-to-peak values for each experiment
were averaged over the 9 second interval (∼9000 periods). The change in cell membrane
potential was determined by subtracting the sealed from the patched peak-to-peak potential
values. Stimulation experiments were carried out using different sets of electrodes includ-
ing: bare gold, SAM-coated gold, PEDOT:PSS stubs, and PEDOT:PSS wires.
4.2.12 COMSOL modeling
4.2.12 Surface impedance calibration
Experimental uniform field results were used to calibrate the COMSOL model through sur-
face impedance values. The slope of the potential measurements (i.e. electric field) for each
set of parallel wires was found using linear regressions. A COMSOL model was generated
using two 0.2 x 8 mm cylinders spaced 400 µm apart. Material properties and boundary
conditions were similarly applied as described in the COMSOL modeling section of the
methods. Potential values from the model solution were exported and fit using a linear
regression to find the value of the resulting uniform electric field. The surface impedance
for each electrode in COMSOL was tuned until the slope of the simulated electric field
matched the experimental electric field within 1%. This process was conducted for three
sets of electrodes for each of the three difference surface treatments: untreated gold, 50 mC
cm-2 PEDOT:PSS, and SAM-coated gold.
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Polymer stubs and wires were oriented perpendicular to each other at a tip-to-tip sep-
aration of 100 µm. A 1 V, 1 kHz sine wave was applied between the electrodes for all
mapping experiments. Local field potentials were measured at 432 positions over a 100
by 100 µm square area with one side along the axial center between the electrode or wire
tips. Coordinate positions were designated in LinLab 2 to enable automatic positioning
for mapping experiments. Pipette positions and peak-to-peak voltage potentials were syn-
chronously tracked by taking a screen capture video at a frame rate of 20 fps using VLC.
The model for polymer stub experiments was corrected by using a manual algorithm to
alter the surface impedance values of the gold electrodes and the PEDOT:PSS. The elec-
trodes were assumed to have a similar surface impedance and were thus changed simulta-
neously. The impedance of the PEDOT:PSS features on each electrode were independently
tuned since different diameters may have had different effective impedance values. It was
observed that the polymer impedance had little effect on the slope of the axial potential
profile along x = 100 µm. It was assumed that this profile represented the slope of the uni-
form field attributed to the gold electrodes (Figure 4.15c). The surface impedance of both
electrodes were tuned until the potential slope along this profile matched within 1% of the
slope obtain experimentally. Next, the surface impedance of each PEDOT:PSS stub or wire
was tuned until the electric field differential error was no more than 500 V mm-1 between
y-coordinates of 5 and 95 µm. The PEDOT:PSS impedance was found to slightly alter the
axial potential profile along x = 100 µm. The impedance value of the gold electrodes were
refined once again until the slope along the x = 100 µm was, again, within 1%. The values
of surface impedance of the electrodes and of the polymer were recorded for n = 8 stubs.
4.2.12 Cell membrane potential
COMSOL multiphysics simulation software version 5.2a or later was used for all computa-
tions. All model components shown in Figure 4.5 were built within COMSOL and assigned




































































































































































































































































































































































Figure 4.5: (a) Schematic of the COMSOL model used for simulating cell membrane potential changes in
response to applied field generated by PEDOT:PSS stubs or wires. (b) Magnified view of model with cell and
PEDOT:PSS wires at the ends of gold electrodes. COMSOL surface plot of (c) potential, (d) electric field,
and (e) electric field gradient at the cell membrane.
The overall dimensions of the model varied based on the arrangement of electrodes
but was no smaller than 2 mm in diameter. Physical dimensions of wires and electrodes
were obtained by measuring the full width half maximum of line profiles from brightfield
microscope images in ImageJ. Gold electrodes were approximated as cones with an aspect
ratio of that obtained from corresponding images and assuming a tip diameter of 50 nm.
PEDOT:PSS wires were modeled as cylinders with a hemisphere at the tip. PEDOT:PSS
wires were assumed to overlap the gold electrode about 5 µm. The cell was not modeled
as a separate component, but rather as a half ellipsoid surface with the same properties as
the extracellular buffer. The potential at the cell membrane was evaluated as an average
over this surface area of the half ellipsoid. All cells were assumed to have a height of 5
µm. The length and width were estimated from brightfield images. Electrodes with wires
were angled 10 degrees with respect to the glass substrate. The tip of each wire or electrode
was placed at the closest edge of the cell membrane at a vertical height of 10 µm above
the substrate. The model was solved using the electrostatics physics module in COMSOL,
which solves the model using the Poisson equation for a given set of boundary conditions.
Voltage potential boundary conditions were applied to the base surface of each gold elec-
trode cone. Since only 1 mm of the electrode length was modeled, a virtual insulator was
placed at the backside of the surface boundary conditions to eliminate nonphysical current
67
from shorting around the model. A course mesh was used for the bulk of the model with
refined surface meshes at the regions of interest (e.g. at polymer and electrode tips). The
mesh parameters are listed in Table 4.2. Mesh size was optimized to yield solution values
within 1% convergence.
4.3 Results and discussion
4.3.1 Electrical impedance spectroscopy
Electrical impedance spectroscopy (EIS) is a method by which a low amplitude alternating
sinusoidal potential is applied between an electrochemically active surface and large inert
counter electrode. The amplitude and phase shift of resulting current waveforms are cap-
tured for a range of excitation frequencies. The frequency dependence of impedance can
then be modeled with an equivalent circuit elements to reveal electrochemical characteris-
tics of the surface such as specific capacitance and charge transfer resistance. These ele-
ments arise from charging and discharging the electric double layer and faradaic processes.
Here, EIS was used to determine the necessary charge deposition density of PEDOT:PSS
to ensure a low surface impedance. The resulting surface impedance value from EIS was
also used for comparison to that obtained via local field potential mapping.
PEDOT:PSS was electro-deposited onto 200 µm diameter gold wire at a current den-
sity of 13 nA mm-2. Impedance spectroscopy was performed for gold surfaces treated with
charge deposition densities of 0, 2, 10, 20, and 50 mC cm-2. The sinusoidal excitation had
a magnitude of 400 mV vs. Ag/AgCl and a frequency range between 1 Hz and 100 kHz.
Real and imaginary impedance values at each frequency for bare gold and 50 mC cm-2
PEDOT:PSS are plotted in the Nyquist plots shown in Figure 4.6. Note that the frequency
of each data point decreases from left to right. Thus, the lowest impedance is exhibited
at the highest frequency in which current is ’shorted’ through the electric double layer ca-
pacitance. Impedance eventually increases with frequency in a linear fashion, which is
termed the Warburg impedance. At these low frequencies, faradaic currents become diffu-
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Figure 4.6: Representative electrical impedance spectroscopy data presented in a Nyquist plot for bare
gold and various charge deposition densities of PEDOT:PSS.
sion limited and impede charge transfer. The impedance spectra for bare gold was nearly
linear for the majority of the frequency range. Thus, Gold exhibits Warburg impedance at
a relatively high frequency, which indicates that charge transfer for gold is dominated by
faradaic processes (e.g. electrolysis) instead of double layer capacitance. Faradaic currents
can be largely irreversible, which leads to permanent electrochemical degradation and local
pH changes, which can have adverse consequences in biological environments. This is a
well-known reason why gold is not a preferable microelectrode material.
A semi-circle shape is observed for PEDOT:PSS prior to the linear Warburg impedance
region shown in Figure 4.6. This result indicates that PEDOT:PSS has a relatively large
specific capacitance compared to gold, which yields a lower overall surface impedance.
There are two main differences between gold and PEDOT:PSS that enable a higher spe-
cific capacitance. First, the porous nature of the polymer surface (Figure 4.7) increases the
electrochemical surface area, which increases the double layer capacitance. Second, the
polyelectrolyte complex of PEDOT and its counter-ion PSS, provides an additional charge
transfer mechanism that is considered to be pseudo-faradaic. Briefly, the positively doped
PEDOT polymer forms an electrostatic complex with the negatively charged PSS counter-
ion. An applied potential converts the doped PEDOT to undoped PEDOT, at which point
the PSS counter-ion subsequently dissociates into solution. The advantage of this process
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is that it is considered to be reversible since the PSS polymer is embedded into the PEDOT
polymer matrix and not likely to diffuse away from the surface. This is why PEDOT:PSS
is considered to be pseudo-capacitive and is safer for biological applications while low-
ering surface impedance for higher electric field generation at a given voltage than most
materials.
Power coefficients for CPEs were found to be greater than 0.95, which suggests that the
CPE elements used to model PEDOT:PSS are nearly ideal capacitors. Thus, the general
Voigt models can be replaced with two Randles circuits as shown in Figure 4.3. Represen-
tative fits from each circuit are shown in Figure 4.4. Frequencies between 300 Hz and 10
kHz were used for fitting since the model was found to converge faster and yield more con-
sistent residuals. The impedance magnitude at 1 kHz was found by interpolation between
the frequencies of 967 and 1170 kHz. The standard frequency of interest for bioelectrode
interfaces is 1 kHz. The surface impedance values at 1 kHz for PEDOT:PSS and gold are
plotted in Figure 4.7 as a function of charge deposition density. No additional reduction
in impedance was found beyond 20 mC cm-2, but the variance of surface impedance for
50 mC cm-2 PEDOT:PSS surfaces was reduced. These trends are consistent with previous
studies of PEDOT:PSS films [143, 214]. A charge deposition density of 50 mC cm-2 was
chosen as the model PEDOT:PSS interface for all further studies.
For time dependent model studies in COMSOL, it is necessary to have approximate
values of specific capacitance and surface resistance. EIS results for PEDOT:PSS were
modeled using two Randles circuits in series. The equivalent circuit used for fitting using
the Ellis2 curve fitting package in Igor Pro is shown in Figure 4.3. The circuit is composed
of a series resistor and two series circuits each consisting of a resistor and capacitor in
parallel.
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Figure 4.7: (a) Surface impedance at 1 kHz from electrical impedance spectroscopy as a function of
PEDOT:PSS charge deposition density onto gold (n = 3 for each charge density; error bars represent ± 1
standard deviation). Scanning electron micrographs of (a) (b) bare gold and (c) (d) gold deposited with 50
mC cm-2 of PEDOT:PSS.
4.3.2 Scanning electron microscopy
Scanning electron microscopy (SEM) images were captured for the different PEDOT:PSS
charge deposition densities tested to confirm that differences in results are indeed related
to varying amounts of deposited polymer. SEM images for all tested surfaces are shown
in Figure 4.7. Bare gold displayed multiple grain boundaries with smooth surfaces. A
PEDOT:PSS charge deposition density of 2 mC cm-2 was visible, but did not exhibit full
surface coverage. Large amounts of polymer with a porous structure were seen at a charge
density of 10 mC cm-2. Differences in surface morphology were indistinguishable beyond
20 mC cm-2, but film thickness was noticeably higher from 20 to 50 mC cm-2; the gold sur-
face texture was less visible. These results are consistent with the observation that surface
impedance is at a minimum with little variation between 20 and 50 mC cm-2.
4.3.3 Cyclic voltammetry
Cyclic voltammetry (CV) is a common electrochemical characterization method that mea-
sures current while applied potential amplitude is swept. Bare gold and PEDOT:PSS were
tested at a scan rate of 500 V s-1 between -0.6 and +0.8 V referenced to a Ag/AgCl elec-
trode. This potential range is defined for safety and deemed the electrochemical water
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Figure 4.8: Representative cyclic voltammagram of bare gold and PEDOT:PSS in physiological buffer
window, which is the range in which electrolysis does not yet occur [131]. A coiled plat-
inum wire served as the counter electrode. A representative CV plot is shown in Figure 4.8.
There were two important observations when comparing bare gold vs. PEDOT:PSS coated
gold. First, the difference in current for PEDOT:PSS during forward and reverse potential
sweeps indicated a larger reversible current when compared to gold, which does not. This
evidence supports the well-known conclusion the PEDOT:PSS has a higher charge storage
capacity compared to bare gold. Second, it is important to note that electrochemical cur-
rent for the gold interface did not begin to increase until high potential magnitudes were
applied. This was due to the fact that gold cannot transfer charge to the electrolyte until the
minimum potential for electrolysis was achieved (i.e. lower than -0.6 V and higher than
+0.8 V vs. Ag/AgCl).
4.3.4 Uniform field potential mapping
A simplified equivalent circuit for a voltage applied between two electrodes in an elec-
trolyte is shown in Figure 4.9. Series electrical resistance due to each electrode material is
shown as Re1 and Re2. For most of the experiments here, these terms are very small, but
thin PEDOT:PSS wires do introduce significant series resistance. The surface impedance
at each electrode interface, Zs1 and Zs2, is represented by a complex impedance element
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Figure 4.9: Equivalent circuit model used for COMSOL simulations. Equivalent circuit used to model
quasi-static field conditions from experimental results where Re and Rsol are the series resistance values for
each electrode and across the solution, respectively. Zs represents the surface impedance at each electrode
and is dependent upon the electrode surface chemistry as well as the voltage and frequency of stimulation.
since it is dependent on the frequency of the excitation waveform. Finally, the solution
resistance, Rsol, is modeled as a variable resistor in series. The resistance of the solution
depends on the conductivity and the length of solution separating the electrode interfaces.
The solution conductivity was found to be 1.59 S cm-1 using a flow cytometer (BD Ac-
curi). It is important to note that at an infinite separation distance between the electrodes,
the solution resistance will dominate the voltage drop while the voltage drop due to surface
impedances and electrode resistances become increasingly negligible. The conductivity
of gold, PEDOT:PSS, and the electrolyte solution are already known or previously de-
termined. Surface impedance is the only unknown value for bare gold and PEDOT:PSS
interfaces.
Two 8 mm long gold wire electrodes were positioned parallel and separated by 400 µm
in electrolyte (Figure 4.10). The long length relative to the separation distance generated
a uniform electric field with an applied potential, similar to a parallel plate capacitor. The
goal here was to determine the surface impedance values from COMSOL in which the
experimentally observed field results closely matched the modeled field results. Using a
simplified geometry with a uniform field minimized geometric-related errors in the model.
A continuous 1 kHz sinusoidal voltage was applied between the two parallel wires with
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Figure 4.10: (a) Microscope image and schematic of experimental setup used to map voltage potential
field between parallel electrodes spaced 400 µm apart in extracellular solution. A 1 kHz sine wave with a
1 V amplitude was applied between two parallel gold electrodes that were (b) uncoated, (c) coated with an
insulating SAM, and (d) coated with PEDOT:PSS at a charge density of 50 mC cm-2. The peak-to-peak
voltage potential was recorded with a mobile patch pipette electrode between the parallel electrodes.
the following amplitudes: 100, 200, 500, 750, and 1000 mV. A glass pipette electrode with
a resistance around 4 MΩ, was placed in current clamp mode and nulled with no applied
potential. Peak-to-peak voltages from noise were less than 1 mV for all experiments. Once
the sinusoidal voltage was applied, the pipette electrode was scanned between the two
parallel wires. The measured peak-to-peak potential was recorded at positions scanned
from 25 to 375 µm and then back to 25 µm in 25 µm increments between the wires.
The potential was read using a custom Labview program that reports potential while in
zero current clamp mode. The pipette position was recorded from the Scientifica software
program LinLab 2. In addition to bare gold and 50 mC cm-2 PEDOT:PSS, gold coated with
an insulating self-assembled monolayer (SAM) was tested as a negative control.
Since peak-to-peak potentials were measured, all results were divided by 2 to obtain
potential magnitude with respect to the Ag/AgCl solution ground electrode. Representa-
tive results from SAM-coated gold, bare gold, and PEDOT:PSS-coated gold are shown in
Figure 4.11. Positions at 0 and 400 µm represent the surfaces of each gold wire. The
slope for each of the tested surface materials was found to be linear, which indicates that a
uniform electric field was generated. Assuming perfectly symmetrical electrodes and zero
surface impedance, the theoretical maximum potential would be 500 mV with a value of
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Figure 4.11: Representative plots of measured potentials generated by a 1 kHz, 1 V amplitude sine wave
applied between parallel gold electrodes that were (a) SAM-coated gold, (b) uncoated gold, and (c) gold
coated with PEDOT:PSS at a charge density of 50 mC cm-2.
zero at 200 µm. All potentials were found to be below the theoretical maximum, which
indicates the presence of surface impedance. The lowest potential drop across the solu-
tion was observed for the SAM-coated electrodes as expected. The bare gold demonstrated
about half the potential drop than that observed from the PEDOT:PSS-coated gold. Thus,
PEDOT:PSS generates about twice the electric field magnitude for a given excitation volt-
age.
Lumped surface impedance values for each surface at 1 kHz was determined using
COMSOL by matching the modeled electric field to the experimentally observed electric
field for an applied potential amplitude. Two 8 x 0.2 mm cylinders separated by 400 µm
were used to model the parallel wire experiment as shown in Figure 4.12. One ground and
one positive potential boundary condition was used for each cylinder and were located at
opposite ends of the cylinder electrodes with respect to each other. Each surface potential
boundary was encapsulated in an insulated cylindrical cap to force current through the gold
wires (i.e. prevent unrealistic boundary shorting). Everything was then encapsulated and
subtracted from a larger cylinder serving as the conductive electrolyte solution. A fine
mesh was used for the entire geometry with a finer mesh refinement applied to the surface
of the electrodes (defined in Table 4.2). A stationary, steady-state solver was used to obtain
the solution. The surface impedance for both electrodes in each pair was assumed to be the
same (i.e. averaged together).
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Figure 4.12: (a) Experimental and simulated electric potential values are plotted as a function of position
between the large gold electrodes where 50 and 450 µm are the edge positions of each electrode. Field
potentials generated by COMSOL between (b) SAM, (c) gold, and (d) PEDOT:PSS electrodes. The model
was matched to experimental results by tuning surface impedance at each electrode surface until the model
generated potential field curves with slopes within 1% of the obtained experimental values.
The slope, or electric field, was found for each pair of wires at 100, 200, 500, 750, and
1000 mV using a linear regression. Two overlapping sine waves with a slight phase shift
and opposite polarity were observed when potential was measured near the zero potential.
Four data points centered around the apparent zero potential location were removed prior
to linear fitting to minimize peak-to-peak measurement error of the overlapping waves.
All electric fields were linear with a minimum R2 value > 0.9. Any slight nonlinearities
seen in the experimental electric field were symmetrical and also present in the modeled
results. Therefore, a linear regression was a suitable method for matching the model to the
experimental results. The surface impedance for each pair of electrodes in COMSOL was
adjusted until the electric field matched the experimental field within 1% (typically to the
nearest 0.01 Ω cm2).
Surface impedance results for each of the 3 surface materials are shown in Figure 4.13
across the tested voltage range. The surface impedance increased in the following order:
SAM > gold > PEDOT:PSS. For a 1 kHz sine wave with an amplitude of 1 V, impedance
was determined to be 268 ± 37, 2.43 ± 0.19, and 0.23 ± 0.05 Ω cm2 for SAM, gold,
and PEDOT:PSS, respectively. These are the first surface impedance values to be obtained
using local field potential measurements and are comparable to values reported in literature
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Figure 4.13: Surface impedance values obtained by matching COMSOL models to experimental field
results for gold, gold/PEDOT:PSS, and gold/SAM. Surface impedance is plotted as a function of sinusoidal
voltage amplitude. n = 3 for each point; error bars represent ± 1 standard deviation.
for PEDOT:PSS.
Gold surface impedance nearly tripled from 2.43 ± 0.19 to 7.38 ± 0.93 Ω cm2 as the
voltage amplitude was decrease from 1 to 0.1 V. Significantly higher currents generated
at higher voltages further supports the potential-dependent faradaic charge transfer mecha-
nism of gold. This observation is consistent with the results obtained from cyclic voltam-
metry and EIS. PEDOT:PSS only exhibited a slight 12% increase in surface impedance
from 1 to 0.1 V, again, supporting its large reversible charge storage density. The slight
increase was probably due to faradaic reactions occurring at the underlying gold substrate,
which was partially accessible due to the porosity of PEDOT:PSS. The surface impedance
of the SAM-coated gold was the most consistent across the applied voltage range with only
a 5% change. The thiol SAM should prevent most faradaic reactions at the gold/electrolyte
interface assuming perfect monolayer coverage on the gold. Therefore, the SAM strictly
limits electronic/ionic transduction at the interface to the charging and discharging of the
electric double layer. Double layer interactions is expected to be less voltage-dependent
than faradaic reactions.
Local field potential (LFP) measurements found surface impedance values that were
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higher for gold and lower for PEDOT:PSS compared to values obtained using conventional
EIS. EIS results (Figure 4.7) found surface impedance for gold at 400 mV to be 3.41 ± 0.2
Ω cm2. Surface impedance at 400 mV from LFP measurements were linearly interpolated
and yielded a 50.4% increase with a value of 5.13 Ω cm2. Since surface impedance only
represents a fraction of the total impedance in the equivalent circuit (Figure 4.9), this error
is not proportional to electric field error. For example, if the surface impedance values from
EIS and LFP are each used in the COMSOL model for a 400 mV amplitude, an electric field
difference of only 25.5% is observed for the parallel gold wire arrangement. The difference
in electric field would change if the electrode geometry or separation were changed. This
result highlights the complexity by which surface impedance affects electric field even for a
simple electrode geometry held at a fixed distance apart and neglecting time-dependence. It
is also important to note that these surface impedance values are based on geometric surface
area of the parallel electrodes. Though PEDOT:PSS film thickness is no more than 1 µm,
the electrochemical surface area of the porous polymer matrix is unknown. Therefore, it
would be expected that these surface impedance values would overestimate impedance as
the feature size of polymer structures decreases due to scaling laws.
4.3.5 Nonuniform field potential mapping
The goal of the following experiments was to compare 2-dimensional, nonlinear local
field potential maps obtained experimentally to those predicted by the COMSOL model
for PEDOT:PSS microstructures with more complex geometries. First, PEDOT:PSS poly-
mer stubs of varying diameter are mapped at the ends of sharp gold electrodes. Second,
polymer wires of varying diameter and length are mapped at the ends of sharp SAM-coated
gold electrodes. For all subsequent experiments, a 1 kHz sine wave with an amplitude of 1
V was used unless otherwise noted.
PEDOT:PSS polymer stubs were synthesized as described in the methods section. Briefly,
the tips of sharp gold electrodes were only immersed 15 µm or less into an aqueous solu-
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Figure 4.14: Microscope images showing pairs of (a) SAM-coated gold, (b) bare gold, (c) 1.9 µm PE-
DOT:PSS stub, and (d) 3.5 µm PEDOT:PSS stub electrodes. At the bottom right, a glass pipette recording
electrode is shown, which measured potential at 432 points within the 100 x 100 µm lighter colored square
region.
tion containing 10 mM EDOT monomer and 20 mM PSS polymer. A varying number
of 2 s voltage pulses were applied (depending on the desired diameter) to coat the tips of
gold electrodes while ensuring that the remainder of the gold was not contaminated with
polymer. Electropolymerization aim to generate cylindrical polymer stubs (Figure 4.14) to
produce a simple geometry that can be easily modeled in COMSOL.
Nonuniform fields were generated by separating two polymer stubs 100 µm tip-to-tip.
Polymer stubs were tested in pairs in which their diameters differed by less than or equal
to about 200 nm (microscopy resolution limit). Diameters between 0.5 and 4 µm were
tested with typical lengths of 10 µm. LinLab 2 software was used to auto-position the
tip of the glass pipette electrode from a set of pre-defined coordinates. The area mapped
by the pipette was 100 x 100 µm with one side of that square area being coincident with
the axial center line between the stub tips as shown in Figure 4.14. Only one side of the
electrodes was mapped to avoid collision between the pipette and the electrodes. The field
was assumed to be symmetrical. Video screen recordings were captured using the software
program VLC to sync each peak-to-peak potential measurement in Labview with the digital
position reported by LinLab 2.
Representative results from local field potential (LFP) experiments are shown for a pair
of SAM, gold, 1.9 µm diameter PEDOT:PSS stub, and 3.5 µm diameter stub electrodes in
the top row of Figure 4.15. Each 2D plot contains 432 LFP measurement points. Measure-
ment points were taken 1 µm apart near the electrode tip and up to 30 µm apart at more
extreme distances from the tip. The vertical axis through the origin is coincident with the
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Figure 4.15: Representative measured (top row) and modeled (bottom row) potential field maps for (a,b)
SAM-coated electrodes, (c,d) bare gold electrodes, (e,f) two 1.9 µm diameter PEDOT:PSS stubs, and (g,h)
two 3.5 µm diameter PEDOT:PSS stubs.
axial centerline between the polymer stub tips. All potential values were divided by 2 to
obtain the potential magnitude with respect to the Ag/AgCl solution ground electrode. For
ease of comparison, potentials were offset such that the value at the coordinate x = 0, y =
50 µm was zeroed for all plots.
SAM-coated gold electrodes barely generated potentials greater than 1 mV, which is ex-
pected due to the high surface impedance of the monolayer insulation. Bare gold electrodes
produced slightly larger field potentials than those coated with a SAM, but still significantly
lower than PEDOT:PSS. Despite the conical geometry of the sharp, bare gold electrodes,
the electric field within the mapped region resembled a uniform field. The sharp geometry
did not significantly alter the shape of the resulting field due to the large impedance of the
small surface area at the tip. The PEDOT:PSS stubs generated noticeably higher field po-
tentials near their the tips. The nonuniform field shape was a result of the combination of
low surface impedance and small feature size, which resembled a point source. In conclu-
sion, PEDOT:PSS dictated the nonuniform field shape, whereas gold contributed a small
magnitude uniform field.
The experimentally measured fields were compared to the COMSOL model. The model
was updated using results from uniform field experiments for a 1 V, 1 kHz sine wave using
surface impedance values of 268, 2.43, and 0.23 Ω cm2 for SAM, gold, and PEDOT:PSS
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surfaces, respectively. The gold electrode aspect ratios, polymer stub diameters, and stub
lengths were recreated in the model. All electrode models were separated by a tip-to-tip
distance of 102 µm assuming a pipette tip diameter of roughly 1 µm. The electrodes were
vertically offset 250 µm and oriented parallel with respect to the glass substrate.
The predicted results by the COMSOL model for a the corresponding pairs of SAM,
gold, 1.9 µm diameter PEDOT:PSS stub, and 3.5 µm diameter stub electrodes are presented
in the bottom row of Figure 4.15. The model accurately predicted the linear axial center
electric field generated by the SAM and bare gold electrodes with an electric field error
of 0.002 and 0.051 V mm-1, respectively. These differences were less than 1% compared
to typical electric fields generated by PEDOT:PSS stubs. The model generally did not
accurately reproduce the electric fields generated by PEDOT:PSS. Additionally, the error
was not consistent and was found to depend on the size of the polymer features. These
errors likely originated from the limitations of using a static, steady-state model to predict
the field potentials of polymer geometries with small capacitance.
Simulations consistently underestimated the electric field for stubs with diameters greater
than 3 µm (n = 8). The apparent surface impedance was determined by correcting the model
using a manual algorithm as described in the methods section. An example of the model
correction procedure is shown in Figure 4.16. PEDOT:PSS stubs with diameters greater
than 3 µm had an average surface impedance of 0.092 ± 0.050 Ω cm2 (n = 8 stubs), which
is significantly lower (p-value = 0.021) than that obtained for films by 60%. One reason for
this difference could be that the initial surface impedance was found for a film thickness
less than 1 on µm for 50 mC cm-2 [774,777]. Surface properties for 3-dimensional mi-
crostructure are likely different than a film that has half the thickness and several orders of
magnitude larger volume. PEDOT:PSS is also a porous polymer, so volume contributions
have a more significant contribution to the field for small polymer geometries and would
not be reflected in the model. The 100-fold increase in surface area-to-volume ratio of the
polymer stub compared to the large polymer-coated wires also likely introduced error since
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Figure 4.16: (a) Representative potential field map experimentally measured from two PEDOT:PSS stubs.
(b) COMSOL model of the PEDOT:PSS stub, (c) after adjusting uniform field, and (d) after adjusting PE-
DOT:PSS surface impedance.
surface roughness was neglected in the model. Lastly, the difference could have also been
due to synthesis conditions. The films were deposited on large electrodes fully immersed in
monomer solution at a constant current density. PEDOT:PSS stubs were synthesized using
a constant voltage onto small, high aspect ratio surfaces dipped into solution. Controlling
constant current was not feasible for such small surfaces because slight thermal fluctua-
tions of the meniscus at the electrode-solution interface constantly changed the exposed
surface area. The stubs were synthesized with an approximate average current density of
100 µA mm-2, which is roughly two orders of magnitude higher than that for the films used
for LFP measurements, 2 µA mm-2. Although, impedance differences at 1 kHz between
galvanostatic and potentiostatic deposition routes were previously reported to be negligible
[743].
For all pairs of PEDOT:PSS stubs with diameters greater than 3 µm, a positive error in
one stub was observed with a corresponding negative error in the opposite stub. This obser-
vation was likely due to the difference in capacitance of the stubs, which would affect the
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measured spatial and temporal-averaged potential. Two different capacitors in series have
different potential drops. The smaller capacitor has a greater potential drop, which would
manifest as a lower potential field in solution. The larger capacitor (or stub) cannot fully
charge due to the smaller capacitor fully charged in series. Therefore, the field generated
by the larger stub is not fully shielded. Time-dependent discrepancies will be discussed
more for the small diameter stubs.
In contrast to large diameter stubs, simulations consistently overestimated the electric
field generated by PEDOT:PSS stubs with diameters less than 2 µm (n = 10). Only 1
out of 10 polymer stubs was found to have a surface impedance slightly less than gold.
Surface impedance values were not determined since a magnitude greater than gold was
not physically probable but rather a consequence of the simplified model. One potential
hypothesis is that thinner diameter stubs did not have the same surface impedance as deter-
mined by LFP measurements of films, similar to the hypothesis for thicker diameter stubs.
This may account for part of the deviation but does not explain how smaller diameter PE-
DOT:PSS stubs could have a surface impedance greater than gold. It is more likely that the
accuracy of a spatial and temporal-averaged model decreases as PEDOT:PSS feature size
decreases due to the smaller absolute capacitance localized between the tips. This hypothe-
sis is supported by the larger fields produced by PEDOT:PSS wires with the same diameter
but longer length. The larger apparent surface impedance of small diameter PEDOT:PSS
stubs in comparison to bare gold was likely due to a complex interaction of electrochemical
faradaic reactions as a function of time. As the PEDOT:PSS pseudocapacitance charges,
electrochemical potential for faradaic currents increases.
The methods section describes how PEDOT:PSS wires were grown using an alternating
kilohertz square wave. Previous work has shown that polymer deposition is not completely
localized at the tip. However, wire synthesis was not successful when only the tip of the
gold electrode was immersed in the monomer solution. Gold wires were instead pre-coated
with an electrochemically-insulating dodecanethiol SAM. A 3 V, 10 kHz square wave was
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Figure 4.17: Representative potential field profiles from experimental and model data along the side of
two 3.1 µm PEDOT:PSS stubs spaced at a tip-to-tip distance of 102 µm.
applied between two sharp, SAM-coated gold electrodes in air. The tips of the electrodes
were then brought in contact to induce a localized electric short, which melted the tips. This
process presumably disrupted the SAM at the tip and allowed polymer formation to occur.
Small micron-sized deposits were seen at SAM discontinuities but did not significantly
affect the field due to their small surface area and distance from the end of polymer wires.
This assumption is supported by potential profiles along the wires shown in Figure 4.17 for
experimental data and the model. Additionally, after the model was corrected, the SAM-
coated gold surface impedance was determined to be 51.0 ± 27.5 Ω cm2.
PEDOT:PSS wires were found to have an average surface impedance of 0.0767 ±
0.0189 Ω cm2 (n = 3 wires), which was slightly lower than the value found for polymer
stubs with diameters great than 3 µm. These results were contrary to those obtained for
polymer stub diameters less than 2 µm. Thus, the LFP results for wires would support the
explanation that the potential field at the tip depended on the volume of polymer instead of
the diameter per se, since the wires were significantly longer than the stubs.
4.3.6 Single cell patch clamping in nonuniform fields
Single cell patch clamping with applied potential fields provided a method to directly mea-
sure and quantify the membrane potential in response to a time-varying electric field. Note
that HEK cells do not have voltage-gated ion channels to elicit action potentials. Therefore,
it was expected that HEK cell membrane potential should have been a function of potential
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instead of electric field (as in the case of cardiomyocytes). The primary purpose of these
experiments was to establish the method of simultaneous patch clamping and extracellu-
lar stimulation using polymer stubs and wires. Results were analyzed with respect to the
average field potential at the cell predicted by the COMSOL model for different electrode
materials, geometries, and locations.
A patch pipette was used to form a gigaseal onto the membrane of a HEK cell as de-
scribed previously. The working electrode tip was fixed 10 µm directly above the edge of
the cell membrane and the counter electrode was positioned at tip-to-tip distances of 25,
50, 100, and 500 µm. A 1 V, 1 kHz sine wave was applied to pairs of SAM-coated gold,
bare gold, PEDOT:PSS stubs, and PEDOT:PSS wires separated by each of these four dis-
tances (Figure 4.18). Peak-to-peak sinusoidal potential measurements were measured in
gigasealed (Figure 4.19 (b)), patched (Figure 4.19 (c)), and broken (Figure 4.19 (d)) mem-
brane states. The positions of the patch pipette and the working electrode were fixed during
all measurements.
One caveat of using a patch pipette to measure membrane potential is that the signal
measured included parasitic capacitance between the glass pipette and the extracellular so-
lution. This contribution was determined by recording potential after the pipette tip formed
a gigaseal with the cell membrane (”sealed state” - Figure 4.19 (b)). Any potential recorded
in a sealed state should be due to parasitic capacitance since intracellular potentials were
insulated by the in tact cell membrane at the tip. After measuring potentials in the sealed
state, a negative pressure was applied to the pipette to breach the cell membrane and estab-
lish the ”patched state” (Figure 4.19 (c)). Peak-to-peak potentials measured in the patched
state consisted of changes in the cell membrane potential as well as parasitic capacitance.
Peak-to-peak parasitic contributions measured in the sealed state (Figure 4.20 (a)) were
subtracted from potential measurements in the patched state (Figure 4.20 (b)) to obtain the
net change in potential due to the HEK cell (Figure 4.22). After intracellular potential mea-
surements were measured, extracellular potential measurements were obtained by breaking
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Figure 4.18: Microscope image captured during a representative cell stimulation experiment. A HEK cell
is patched and held in current clamp mode while a sinusoidal electric field was generated by two PEDOT:PSS
stubs. Peak-to-peak membrane potential was recorded while the pipette and working electrode were both
fixed throughout the experiment. The counter electrode was positioned at tip-to-tip distances of 25, 50, 100,
and 500 µm with respect to the working electrode.
the seal between the cell and the pipette (Figure 4.19 (d)) using a high positive pressure.
Extracellular peak-to-peak measurements are shown in Figure 4.20 (c).
Membrane potential of the HEK cells should change in response to the sinusoidal
changes in extracellular potential. It is beneficial to first look at how extracellular po-
tentials changed as a function of counter electrode position. Extracellular potential at a
fixed location was found to depend on the position of the counter electrode as shown by
Figure 4.20 (c). This can be explained by using superposition of potential fields generated
by two point sources of opposite charge. The potential from one electrode decays with the





where V is extracellular potential, I is current, σ is conductivity of the solution, and r is the
distance from the electrode source. For a bipolar arrangement, which was used for these
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Figure 4.19: Magnified illustration of patch pipette interface at cell membrane (a) before gigseal seal, (b)
after gigaseal (sealed), (c) patched into cell, and (d) forced detachment (broken).
experiments, superposition is used to sum the potential field contributions by each elec-
trode. Here, the electrodes were opposite potential, so their fields destructively interacted
(charge cancellation). Therefore, as one electrode was moved away from the opposite elec-
trode, the potential near each electrode increased in magnitude since the overlap in their
opposing fields decreased. The results in Figure 4.20 (c) show that in some cases the po-
tential increased while in other cases the potential decreased as the counter electrode was
separated from the working electrode. This can be explained by the relative location of the
zero equipotential line (where both fields entirely canceled). For a perfectly symmetrical
pair of electrodes, the zero equipotential line will always be equidistant from the tip of
each electrode. Therefore, if the working electrode is fixed and the counter electrode is
pulled away, the zero equipotential will appear to move towards the counter electrode to
maintain its equidistant location. If the size or surface impedance of the electrodes are un-
equal, then the zero equipotential line will shift to one of the electrodes. In some cases, the
equipotential line may have been located between to the working electrode and the pipette
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Figure 4.20: PEDOT:PSS stub stimulation results. Raw potential measurement data from HEK cells as
a function of counter electrode position during 1 kHz, 1 V sine wave stimulation for (a) sealed, (b) patched,
and (c) broken cell states. Experiments with PEDOT:PSS stubs are labeled by their diameter. Electrode
separation is defined as the tip-to-tip distance between the counter and working electrodes.
electrode. In this scenario, as the counter electrode is pulled away, the potential will appear
to decrease as the zero line approaches the pipette. As the counter electrode continues to be
pulled away, the zero potential line will eventually pass the pipette electrode and potential
will then appear to increase. This behavior was expected to hold for cell membrane poten-
tial measurements as well since the membrane potential of HEK cells primarily depended
on the extracellular potential.
Raw data for measured sinusoidal potential amplitudes (not peak-to-peak) in the sealed,
patched, and broken states are shown in Figure 4.20 and Figure 4.21 for PEDOT:PSS stubs
and wires, respectively. The measured potentials during the gigaseal state were the lowest
of the three states while the broken state generally demonstrated the highest measured
potentials. Potentials measured during the sealed state were expected to be the smallest
since the only contribution of current was from the parasitic pipette capacitance. Broken
state potentials were the highest since the series resistance of the cell membrane was no
longer present. Patch clamp potential amplitudes were in between sealed and broken state
measurements with respect to magnitude. The potentials in all three states were dependent
on electrode separation.
The change in membrane potential amplitude due to 1 kHz stimulation is shown in Fig-
ure 4.22. These values were obtained by subtracting patch clamping results from sealed
results to obtain the change in potential of each HEK cell. The change in membrane poten-
tial generally correlated with the potential field around the cell. In most cases, the change
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Figure 4.21: PEDOT:PSS wire stimulation results. Raw potential measurement data from HEK cells
during 1 kHz, 1 V sine wave stimulation for (a) sealed, (b) patched, and (c) broken cell states. Experiments
with PEDOT:PSS wires are labeled by their dimensions. Electrode separation is defined as the tip-to-tip
distance between the counter and working electrodes.
in membrane potential increased as the counter electrode was moved farther away from the
electrode fixed at the target cell. This observation is consistent with the previous observa-
tion that the total potential drop between the electrodes increased as the gap between the
electrodes increased. As the solution resistance increases, its share of the total resistance,
and thus the total potential, increases as shown by the equivalent circuit diagram in Fig-
ure 4.9. It is important to note that this trend suggests that HEK cell membrane potential
predominantly depended on the potential magnitude near the membrane. This is contrary
to neurons and cardiomyocytes that depend upon a local electric field gradient for elicit-
ing an action potential, which decreases with increasing electrode separation [150]. The
model also exhibited an increase in potential at the electrode tip due to increased electrode
separation.
Interestingly, the membrane potential stimulus amplitude decreased for some elec-
trodes/polymer stubs and increased for others when electrode separation was increased.
The potential at the cell would be expected to increase with electrode separation due to
the increased total solution resistance. However, since these measurements were obtained
from peak-to-peak measurement values, potential amplitude was never zero. The tip-to-tip
potential profile resembled a ”V” shape where the peak-to-peak potential exhibits a point of
inflection at the zero potential location (i.e. absolute value). This ”V” shape was observed
in uniform field potential measurements shown in Figure 4.11. The initial zero location
89
Figure 4.22: Change in HEK cell membrane potential due to stimulus, which was calculated by subtracting
potential measurements in the sealed state from the patched state. Results are shown for PEDOT:PSS (a) stubs
and (b) wire. Both are compared to bare gold and SAM-coated gold.
depends on the surface impedance and surface area of each electrode; it is theoretically
located exactly half way between two perfectly symmetrical electrodes. Slight defects in
electrode shape or differences in surface impedance will shift the zero. This occurs because
electrodes are electrically wire in series, which is equivalent to two capacitors in series.
When the capacitors are different sizes, a difference in potential drop is observed at each
electrode interface, which shifts the zero location. The zero location also shifts when the
electrode separation is changed. This occurs for symmetrical and asymmetrical electrodes
to a varying degree. With respect to the cell position, the zero will always move towards
the mobile electrode as the mobile electrode is moved away from the cell. Therefore, if the
zero location is located behind the working electrode (fixed at the cell), the zero potential
line may pass through the cell if the electrodes are sufficiently separated. If this occurs,
then the peak-to-peak change in cell membrane potential will appear to decrease with elec-
trode separation (as the zero line approaches the cell) and then increase (as the zero line
passes over and away from the cell). The probability of this occurring with sharp, bare gold
electrodes is low because of the large potential drop at the gold tips. The small surface area
and low surface impedance at the tip of the sharp gold electrodes consequently exposes the
cell to a very small potential range (∼12 mV). The likelihood of the zero potential existing
between this small range is low. The lower surface impedance of PEDOT:PSS compared
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to gold, however, increases the probability that the zero potential line exists between the
electrode tips. Furthermore, the location of the zero potential line changes with time during
stimulation pulses. The potential drop across the electrode/electrolyte interface increases
with time for an applied electrochemical potential step. Ionic currents charge the electric
double layer capacitor and faradaic currents create a depletion layer of ionic species around
the electrode. However, if the electrodes are asymmetrical, the increase in potential drop at
each interface will be unequal over time, which causes the zero potential line to shift and
broaden.
PEDOT:PSS wires were fabricated at the end of SAM-coated electrodes. Three differ-
ent wires were used to test the effects of wire length and diameter: 2.5 x 42 µm (nomi-
nal wire), 2.4 x 89 µm (long wire), and 1.4 x 49 µm (thin wire). A bare gold electrode
was used as the counter electrode for all PEDOT:PSS wire cell stimulation experiments.
Raw potential measurements are shown for the sealed, patched, and broken states for the
nominal wire, long wire, thin wire, bare gold, and SAM-coated gold in Figure 4.21. In-
terestingly, the amplitude of the change in membrane potential in response to an applied
stimulus from wires was relatively large, but the amplitude hardly changed when electrode
separation was increased. A similar behavior was observed for the SAM-coated gold elec-
trodes, which is expected since the electrode with the attached wire is SAM-coated. The
change in potential due to the long wire was significantly higher than that of SAM-coated
or bare gold alone. The change in membrane potential increased with length and diameter.
A decrease in membrane potential change would be expected for a smaller diameter be-
cause of the smaller surface area and higher series resistance at the wire tip. However, the
increased change in membrane potential due to the longer wire is counterintuitive due to
the increased series resistance at the polymer wire tip. This result nonetheless agreed with
the COMSOL model, which showed a large field around the wire. A longer, uninsulated
wire has more overall surface area, which will lower the total impedance at the electrode.
In other words, fields generated along the wire length contribute to the potential field at the
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tip. Diminishing returns would be expected as the length of a wire increases. The increased
series resistance due to the wire length would eventually be greater than the decreased sur-
face impedance due to additional surface area added farther away from the tip. However,
the potential field at the wire tip would always decrease with increased length if the wire
were insulated.
The experimental conditions for each pair of electrodes and cells were simulated in
a COMSOL model. The same overall geometry used for nonuniform field mapping was
used for consistency (Figure 4.5). The model was used to predict how the cell membrane
potential response from an applied field changed with electrode separation. Model and ex-
perimental results were compared by normalizing potential measurements obtained at 25
µm for each trial. All curves were found to be monotonic, so any potential curves that
decreased with separation were inverted for comparison purposes. The model used average
surface potential experienced at the cell membrane. Change in cell potential was calculated
by integrating the potential over the surface of a half-ellipsoid with a height of 5 µm and
a length/width approximated from brightfield microscope images. Gold electrodes, poly-
mer stubs, and polymer wires were modeled using the same geometries as those used for
nonuniform field potential measurements. Simulations were computed for gold and PE-
DOT:PSS surface impedance values found from uniform potential mapping as well as val-
ues obtained after adjustment from nonuniform field mapping. Experimental and simulated
results for a pair of 4 µm PEDOT:PSS stubs are plotted in Figure 4.23. Interestingly, the
model with surface impedance values from uniform potential measurements more closely
matched experimental results for HEK cell stimulation. The adjusted model clearly over-
estimated the change in membrane potential for one of the stub configurations, which, for
that particular pair of stubs, had a sizeable surface impedance adjustment. Smaller diame-
ter stubs exhibited the opposite error. Simulation results for stubs with a diameter of 2 µm
agreed well with experimental results following surface impedance adjustments. Nonuni-
form potential field measurements indicated that PEDOT:PSS features with diameters less
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Figure 4.23: Change in HEK cell membrane potential due to stimulus from a pair of 4.0 µm PEDOT:PSS
stubs. Results are shown for HEK cells stimulated with each stub. Predicted results from the COMSOL
model are shown for (a) original PEDOT:PSS surface impedance values (from uniform field measurements)
and (b) adjusted values (from nonuniform field measurements).
than 2 µm generated a significantly lower field than predicted by the model. Potential fields
larger than predicted by the model were obtained for PEDOT:PSS stub diameters greater
than 2 µm. Therefore, the effects of the polymer stub diameter were consistent at least in
general behavior. These results do assume that the solution conductivity is accurate and
constant. An underestimation in solution conductivity would result in an overestimation of
change in potential amplitude with electrode separation. The results are likely less accurate
for smaller polymer structures due to the spatial and temporal-average surface impedance
assumption that was used in estimating the surface impedance from uniform potential mea-
surements.
4.3.7 Time-dependent model studies
A COMSOL model was modified to elucidate time-dependent phenomenon that may have
led to the observed results related to differences in surface impedance as a function of
polymer stub or wire diameter. One potential error in the pipette potential mapping method
could have been due to the zero potential location. Near this location, two overlapping sine
waves were observed, which were presumably a superposition of ionic current due to each
electrode at opposite polarity. Due to the inevitable difference in capacitance between any
two electrodes (e.g. surface defects, geometry, etc.), their respective sinusoidal currents
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Figure 4.24: Change in HEK cell membrane potential due to stimulus from a pair of 2.0 µm PEDOT:PSS
stubs. Results are compared to gold and SAM-coated gold. Predicted results from the COMSOL model are
shown for (a) original surface impedance values (from uniform field measurements) and (b) adjusted values
(from nonuniform field measurements).
Figure 4.25: Change in HEK cell membrane potential due to stimulus from PEDOT:PSS wires and a
bare gold counter electrode. Predicted results from the COMSOL model are shown for (a) original surface
impedance values (from uniform field measurements) and (b) adjusted values (from nonuniform field mea-
surements).
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were never perfectly out of phase as might be theoretically expected. The pipette also has
a finite tip diameter as well as an Ag/AgCl electrode that may have different potential time
constants for difference ionic species. A well-defined zero potential line was consequently
not observed and likely resulted in peak-to-peak potential measurement error in these areas.
Time-dependent model studies were used to investigate the temporal evolution of a ± 2.5
mV band during sinusoidal voltage excitation.
A contact impedance boundary condition was applied to the modeled PEDOT:PSS sur-
face. COMSOL models contact impedance using a capacitor in parallel with a resistor.
Capacitance was also estimated from previous results obtained from current transients of
PEDOT:PSS wires with diameters near 4 µm. A specific capacitance value of 35 F m-2
was used for PEDOT:PSS is on the order of previously published values [213] along with a
charge transfer resistance of 1 x 10-3 m2. The contact impedance boundary did not account
for pore resistance. Therefore, a 50 nm shell was added to the PEDOT:PSS surface with a
capacitance of zero and a specific resistance value of 1 x 10-6 Ω m2, which was found to
match RC time constants obtained from current transients. previous gold current yielded
an estimated specific capacitance of 0.5 F m2.
The results from time-dependent models are shown in Figure 4.26. One important ob-
servation is that the zero equipotential line shifts with time towards one of the electrodes.
This explains why one of the electrodes exhibited a larger potential than the counter elec-
trode. This model shows that time dependence must be considered when predicting the
field generated by small polymer geometries.
4.4 Conclusions
The current work investigated the use of small scale PEDOT:PSS stubs and microwires
for generating localized potential fields. A pipette electrode was used to map uniform
field potentials generated by PEDOT:PSS, bare gold, and SAM-coated gold. A model




















































































































































































results obtained from conventional EIS. Small, PEDOT:PSS stubs at the end of sharp gold
electrodes were subsequently mapped with a pipette electrode and compared to the model.
Finally, membrane potential changes of HEK cells were directly measured using patch
clamping in response to nonuniform potential fields delivered by polymer stubs and wires.
Results were compared to those predicted by the model of potential fields for different cell
geometries and locations.
It was found that absolute potential was difficult to model due to the slight variations
in geometry and surface impedance that induce significant changes in potential offsets.
However, potential offsets should not significantly change the accuracy of modeled electric
fields. Electric field values were underestimated by the model with input surface impedance
values from uniform field measurements. These discrepancies could be due to the difficulty
in using a spatial and temporal-averaged surface impedance to model a porous material for
small geometries. Impedance normalized to a volumetric shell may be more representative
and accurate for smaller geometries. Polymer stubs and wires with diameters below 2 µm
exhibited surface impedance values similar to gold. These errors became significant with
small absolute capacitance values of the small geometries that cannot be accurately mod-
eled using time-averaged surface impedance. Changes in HEK cell membrane potential in
response to voltage stimulus followed the average potential field predicted by the model.
Changes in membrane potential increased as electrodes were separated at a greater distance
due to the larger potential drop across the solution relative to the potential drop at each elec-
trode surface. The zero potential line was found to be important since it is dynamic with
time. Time-dependent studies find that smaller stub and wire geometries created a field
that decays more rapidly and causes the zero equipotential line to grow in size and move in
space. These findings reveal that polymer electrode geometries below ∼200 µm3 are not
modeled well using a spatial and temporal-averaged surface impedance. A time-dependent
model would yield more accurate results due to the drastic changes in field over a short
time scale for small capacitance microstructures.
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CHAPTER 5
CONCLUSIONS AND FUTURE WORK
5.1 Major Contributions
This work was based on the synthesis of PEDOT:PSS nanowires first developed by Flan-
ders et. al. at Kansas State University [156–160]. The potential advantage of conductive
polymer wires is the combination of their electrical conductivity and relative low mechan-
ical modulus. Yet, the application of these wires as an electroactive biomaterial was not
explored before this research. This work investigated the use of polymer wires as sin-
gle cell stimulation electrodes. Overall, the outcomes of this research have advanced our
knowledge and techniques related to single cell polymer wire microelectrode development,
electrically conductive biomaterials, and subcellular electric field modeling. The major
contributions are summarized:
• Method for visualizing localized electric fields of PEDOT:PSS nanowires Fluo-
rescently labeled proteins were used to track potential fields generated by polymer
nanowires. A method using tagged proteins and fluorescence microscopy was devel-
oped to determine the spatial range of generated field potentials without the need for
direct electrochemical coupling.
• PEDOT:PSS microwire synthesis: Nanowires were not able to elicit action poten-
tials in cardiomyocytes due to excessive series resistance and low surface area of
nanoscale wires. Microwires were synthesized by using a lower range of frequen-
cies during AC voltage synthesis. Large diameter PEDOT:PSS wires grown with this
method have not previous been performed. It was found that lower frequencies did
yield larger diameter wires, but diameter control was not as precise. Additionally,
nonspecific electropolymerization occurred higher up on the gold electrode whereas
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high frequency synthesis localized polymer only at the tip.
• Electrochemical characterization of PEDOT:PSS micro and nanowires: PE-
DOT:PSS polymers have been well-characterized as electrical biomaterials in terms
of their charge storage density and impedance. However, polymer wires had not been
applied for single cell electric stimulation and thus, had not been electrochemically
characterized. A method was developed to probe the charge storage density of poly-
mer wires by using a drop of electrolyte on a hydrophobic slide. This method allows
for charge storage density measurements of isolated microstructures down to 1 µm2
while keeping the rest of the electrode perfectly insulated in air.
• Evaluation of PEDOT:PSS microwire single cell stimulation: Micro and nanowires
composed entirely of conductive polymers introduces an interesting tradeoff be-
tween electrical conductivity, surface impedance, and mechanical flexibility. Car-
diomyocytes were used as model cells to determine the minimum feature size of
PEDOT:PSS polymer wires that could be used to electrically stimulate single cells.
The smallest wire capable of stimulation was 27 µm long with a diameter of 2 µm.
This work was the first to determine these limits and concluded that electrical con-
ductivity restricts polymer wire dimensions capable of single cell stimulation to a
mechanically rigid range.
• Enhanced conductivity of PEDOT:PSS micro and nanowires: Conductivity was
found to prohibit the ability for smaller, flexible wires to stimulate single cells. A
method to increase conductivity of the polymer wires was developed. First, it was
found that post chemical treatments of polymer wires were ineffective in conductiv-
ity enhancement. This is an interesting finding since chemical post treatments are
well-known to enhance the conductivity of spin cast films several orders of magni-
tude. The work presented here determined that synthesis conditions are the key to
controlling downstream electrical conductivity of polymer wires. It was found that
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higher concentrations of monomer and lower molecular weight of the counter ion
polymer PSS yielded conductivities several fold higher. However, the wires with this
enhanced conductivity were noticeably more mechanically rigid.
• In situ monitoring of surface impedance during polymer film deposition: The
principal advantage of conductive polymers like PEDOT:PSS are their low surface
impedances, which makes them attractive as films. Their relatively low electrical
conductivity compared to noble metals, however, means higher series resistance for
excessively thick films. A simple method for in situ monitoring of surface impedance
during PEDOT:PSS film deposition was developed and was found to correlate very
well with resulting surface impedance values.
• Local field potentials for measuring surface impedance and electric fields at mi-
croelectrode tips: Surface impedance is important for characterizing and modeling
the effectiveness of bioelectrodes for in vivo applications. Microelectrodes with high
surface impedance values require higher voltages for cellular stimulation that have
been shown to degrade electrodes faster and damage tissue. Surface impedance has
been measured for PEDOT:PSS films extensively but has not been measured using
local field potentials in uniform fields or in nonuniform fields generated by small
polymer microsctructures. This method provides a direct way of measuring the elec-
tric field generated by microelectrodes in an electrolyte solution.
• Surface impedance scaling: Electrical impedance spectroscopy is often used to
characterize the electrochemical efficiency of an electrode used for stimulation. The
electrodes that are tested often have a large, flat surface area, but the geometric di-
mensional limit at which surface impedance values measured in this way are valid
has not been explored. This work determined that using a spatial and temporal aver-
age of surface impedance for a 1 kHz sine wave begins to introduce significant error
for polymer structures below 2 µm in diameter.
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• Modeling surface impedance for subcellular microprobes: A model was devel-
oped that is capable of predicting the shape and magnitude of microelectrode wires.
The model was specifically made for polymer wires, but can be adjusted for any ma-
terial given the necessary input parameters, notably surface impedance and electrical
conductivity. The process of obtaining this input parameters and adjusting the model
for accuracy was developed in this work.
• Single cell stimulation with membrane potential feedback from patch clamping:
A method was developed to measured membrane potential of a cell while in the
presence of a nonuniform electric field generated by microelectrodes in bipolar and
monopolar configurations. This method also compensates for glass pipette parasitic
capacitance.
• Time-dependent model electric field evolution from microelectrodes: A time-
dependent model was built to investigate the effective potential field generated by
polymer microstructures too small to be characterized under the assumption of a
spatiotemporally averaged surface impedance. This model elucidates important phe-
nomenon such as the translation of the zero potential line and transient, nonuniform
potential field generation.
5.2 Future Work
It is unlikely that extracellular electrode arrays made of polymer wires will ever been able
to selectively interact with all 86 billion neurons in the brain. Implanted electrodes are too
invasive and introduce too many physical interfaces between nonbiological and biological
materials. The mechanical benefits of using wires made entirely out of conductive polymers
do not outweigh their poor electrical conductivity. Wires would need to be longer than a
few cell lengths and be less than 5 µm in diameter for them to be useful. However, a
simple composite wire could increase conductivity greatly and may improve the physical
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connections between electrodes and cells. The fundamental problem of flexible wires and
electrodes is still the inability to control their placement in vivo and choose which cells they
interact with. Significant advancements need to be achieved before the potential benefits of
these polymer wires can be realized for neural applications.
The primary challenge in engineering extracellular stimulation electrodes for deep brain
stimulation is the interaction between the electrode and brain tissue. Implantation is a major
hurdle; tissue damage during implantation is often the source of long-term biocompatibil-
ity issues. Flexible electrodes actually make implantation more difficult since they are not
stiff enough to penetrate brain tissue. Injectable electronics have largely avoided implanta-
tion damage and demonstrated that flexible electrode arrays can maintain excellent chronic
stability in vivo. However, this injection method sacrifices the control of positioning elec-
trodes near specific target neurons. Recent research has also shown that a shuttle can be
used to position wires as small as those used in the research presented here. Tissue dam-
age from the shuttle during implantation was shown to be fully recoverable in the brain
and enabled long-term stability of the implanted flexible electrode. These latest develop-
ments definitely show promise for improving current DBS electrode devices. Future DBS
electrodes will likely decrease in size and maintain effective therapeutic stimulation while
minimizing side effects from extraneously neuron stimulation. The ultimate goal for flexi-
ble DBS electrodes will ultimately be to improve chronic stability and cell selectivity. Full
resolution brain mapping and control is likely more feasible using wireless techniques (e.g.
temporal interference [23]) since they have much lower physical constraints and do not
suffer from the substantial biomaterials challenges. Wireless techniques are still very far
from achieving single cell resolution with tens of billions of neurons simultaneously.
5.2.1 PEDOT:PSS wires
This represented the first work in evaluating these specific PEDOT:PSS polymer wires for
bioelectrical applications. The low surface impedance of PEDOT:PSS makes it an ideal
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interface for both generating ionic field gradients as well as measuring them. This two-way
transducer capability is only inherent in pseudocapacitive materials such as PEDOT:PSS
and Iridium Oxide. Gold, for example, can really only be used for stimulation if a high
enough voltage is used to elicit faradaic electrochemical reactions. Recording with materi-
als such as gold, would need to have an extremely intimate connection to the the cell with
a relatively large surface area, such as the microelectrode array composed of gold micro-
mushrooms [215], which only works due to the insulating properties of the substrate the
cells are grown on. PEDOT:PSS wires for recording cell signals would be an interesting
study, but, again, would suffer from their low conductivity. Although, the studies conducted
so far have been carried out at room temperature. Physiological temperature might make
smaller wires capable of stimulation due to enhanced conductivity and currents experienced
at higher temperatures [216].
Three dimensional PEDOT:PSS structures at the cell interface might be a more useful
investigation since PEDOT:PSS has rarely been studied beyond a film morphology. An
example might be PEDOT:PSS stubs on a substrate or an array of nanowires tethered to a
cell. Results would be useful for future electrode developments that might employ three-
dimensional structures at the tip of a wire composed of a different material. One major
area for improvement is a model based on volumetric capacitance. PEDOT:PSS is a porous
material and cannot be modeled as having two-dimensional surface impedance for small
structures. More work needs to be performed on mapping different sized polymer geome-
tries and determining the limit at which 2D surface impedance assumptions break down.
PEDOT:PSS, in general, has not been investigated enough at the nanoscale for engineer-
ing optimization. For example, the mechanism by which PEDOT:PSS can safely generate
highly localized electric fields is a complex process [132–134]. It is generally accepted
that the interaction between PEDOT and its counter-ionic polymer PSS is responsible for
the pseudocapacitive behavior that yields high charge density. However, there have not
been extensive studies on optimizing the PEDOT counterion in light of the fundamentals
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of the charge transfer mechanism. Glimpses of the potential in this area are seen with
the PEDOT:PSS wires with enhanced conductivity using different molecular weight PSS
polymers for the counter ion. There might be an optimum counterion molecular weight
or synthesis conditions that promote a preferential conformation at the PEDOT and PSS
interface. These types of studies could leverage the mechanism of charge injection of PE-
DOT:PSS and fully exploit its capabilities for even lower surface impedance.
5.2.2 Neuron stimulation
Single PEDOT:PSS wires may not be useful, but PEDOT:PSS nanowire arrays may still
have a promising future for stimulating electrically active cells such as cardiomyocytes or
neurons. These types of cells are stimulated from local electric field gradients and do not
require fully induced cell depolarization to elicit an action potential. As a polymer wire is
scaled down, mechanical flexibility increases but at the cost of higher electric resistance.
However, if several wires are attached to a cell membrane locations with a high density of
ion channels, it may be possible to elicit an action potential. PEDOT:PSS nanowires will
never be able to stimulate cells unless they are in direct contact with the cell membrane.
PEDOT:PSS wires in this work have been used to stimulate single cardiomyocytes with
binary feedback (cell contraction) and HEK cells with analog feedback (patch clamping).
The next step would be to stimulate an electrically active cell with analog feedback from
patch clamping. The response to a potential field is drastically different between HEK cells
and electrically excitable cells due to the presence of voltage-gated ion channels. These
channels are activated from local electric field gradients, which then begin to depolarize
the cell. These studies can then be used to solidify the accuracy of the COMSOL model by
relating polymer wire dimensions, distance from cell, voltages, and currents to minimum
cell stimulation requirements. A robust model calibrated from experiments can then be
used to predict the performance of new, smaller wire designs such as composite nanowires.
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5.2.3 Composite wires
Composite wires are notable since it was found that the polymer conductivity is not suf-
ficient for long thin nanostructures to be successful for mechanically flexible bioelectri-
cal interfaces. Materials with higher conductivity might be combined with PEDOT:PSS
to take advantage of the properties of both materials. Initial work was performed by as-
sembling gold nanoparticles into a flexible chain that demonstrated higher conductivity
and lower apparent Young’s modulus than PEDOT:PSS. This type of wire might serve as
the perfect electronic pathway complemented with a PEDOT:PSS tip to facilitate efficient
electronic/ionic transduction at a target location. The following was presented at the 2018
Society for Biomaterials Conference in Atlanta, GA.
Single neuron electrodes are needed to better understand and treat abnormalities in
the brain. Patch clamping and microelectrode arrays are mechanically rigid, which can
adversely affect cell health. A sufficiently small and flexible bioelectrode is needed that
can accommodate tissue dynamics while maintaining electrical connection to a target cell.
Nanowires offer the promise of providing subcellular spatial resolution with low bending
modulus to better match the mechanical properties of tissue. Previous work has shown
that as conductive polymer wires are scaled down to flexible dimensions, they are not
able to stimulate cells due to their low electrical conductivity [150]. Here, we use di-
electrophoresis to assemble gold nanoparticles (AuNPs) into nanowires that are 14x less
rigid and 1000x more conductive than polymer wires composed of poly(3,4-ethylene-
dioxythiopene):polystyrene sulfonate (PEDOT:PSS). Thus, AuNP wires offer a potentially
more stable, long-term electrical connection to single cells in soft tissue environments.
An inverted microscope retrofitted with two 3-axis micromanipulators was used to im-
age and manipulate electrodes and wires. PEDOT:PSS and AuNP wires were synthesized
by applying an oscillating voltage between two sharp gold electrodes in solution [158, 217].
PEDOT:PSS wires were grown using a square wave voltage (2 – 3 kHz, ± 2.0 – 7.2 Vpp)
in an aqueous solution containing 10 mM EDOT and 20 mM PSS. Dielectrophoresis was
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used to assemble 30 nm AuNPs using a square wave voltage (0.05 – 1 MHz, ± 1.6 – 2
Vpp) and a DC offset (+1.4 V). Conductivity was calculated from current-voltage curves
obtained from two point probe measurements. Scanning electron microscopy (SEM) con-
firmed the diameter of single-width AuNP chains. Apparent Young’s Modulus of the wires
was estimated by finding the resonant frequency of vibration in air. Wires were oscillated
electrostatically by applying a sinusoidal voltage with a gold counter electrode. Resonant
frequency peaks were found from video analysis by plotting the vibration amplitude as a
function of frequency. Brightfield microscopy images were used to measure wire lengths
and diameters; the full-width-half-maximum of line intensity profiles was used for the lat-
ter. Each wire was modeled in COMSOL as 5 µm cylindrical segments. The diameter of
each wire segment was averaged. The Young’s modulus was determined by the value in
which the resonant frequency of the model matched the experimental value within 1 %.
Electrical conductivity (Figure 5.1) was found to be 38 ± 14 S cm-1 for PEDOT:PSS
wires with an average wire diameter of 1.5 ± 0.1 µm (n = 9) and 150,007 ± 6259 S cm-1
(n=4) for 30 nm AuNP wires. Effective Young’s modulus was found to be 527 ± 116 MPa
for PEDOT:PSS wires (n = 3) and 39 ± 21 MPa for AuNP wires (n = 4), respectively
(Figure 5.2). PEDOT:PSS wires for vibration experiments had an average diameter of 1.6
± 0.1 µm and lengths between 76 – 106 µm. AuNP wire diameters and lengths were
between 1 – 3 µm and 19 – 60 µm, respectively. Images of AuNP wires in brightfield and
SEM images is shown in Figure 5.3.
Developing biomaterial interfaces that are both electrically conductive and mechani-
cally flexible is difficult to achieve since these properties are typically anticorrelated. AuNP
wires were found to have a higher mechanical compliance and more than three orders of
magnitude higher electrical conductivity compared to PEDOT:PSS polymer wires. The
combination of high conductivity and mechanical flexibility makes AuNP wires promising
for stable, long-term electrical connections to single cells in soft tissue environments.
In general, testing new wire designs by varying shape, material, or synthesis conditions
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Figure 5.1: (A) Conductivity of PEDOT:PSS and AuNP wires. (B) Brightfield and (C) SEM image of 30
nm AuNP wire.
Figure 5.2: (A) Young’s modulus values for PEDOT:PSS and AuNP wires. (B) Representative amplitude
plot and inset image of a PEDOT:PSS wire oscillated at resonance.
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Figure 5.3: Brightfield microscope image (left) and scanning electron micrographs (right) of a AuNP wire
assembled from 30 nm gold nanoparticles.
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can be quickly evaluated with two measurements: conductivity and surface impedance.
Conductivity should be measured using a two-point probe technique at several locations
along the wire to account for contact resistance. Surface impedance can quickly be mea-
sured using uniform and non-uniform field mapping with a glass pipette electrode. These
two parameters will dictate what kind of fields can be generated for a given wire. Once
these parameters are determined, they can be used in a simple COMSOL model to incorpo-
rate the effects of wire shape on the resulting electric field. This simple model can quickly
compare the performance of flexible wire electrodes. Actual performance needs to still be
incorporated into the model and is a potential top for future work.
5.2.4 Modeling electrode stimulation
The COMSOL model that was developed for this work is powerful for predicting electric
field generation of polymer microstructures as well as potentially new, composite materials.
One limitations of the model that will always exist is the geometric accuracy. Nonuniform
surface roughness and geometric defects are nearly impossible to accurately model. Er-
ror due to geometry becomes especially non-negligible when polymer stub diameters fall
below 2 µm. Surface area-to-volume ratios at small scales make the spatially-averaged
surface impedance assumption invalid and would need to take polymer volume into ac-
count. The low total capacitance at for small scale electrodes means that potential fields
change drastically in space and rapidly in time. A time-dependent model is necessary in
these regimes to average the spatiotemporal changes exhibited by the small electrodes. An
initial time-dependent model was developed here but still needs significant improvement.
An investigation on how the average surface capacitance of PEDOT:PSS wires and stubs
changes with volume is needed. PEDOT:PSS is a porous matrix that cannot be accurately
modeled with average surface properties at small scales. There is likely a maximum film
depth within PEDOT:PSS that can freely exchange ions in and out of electrolyte solution
within a certain time (∼500 µs for a 1 kHz wave). A time constant and specific capacitance
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needs to be determined for wires of various diameter using current transients. An equation
should then be developed that relates that specific capacitance and charge transfer resis-
tance to the dimensions of the polymer structure to be modeled. Once these parameters are
incorporated into the model, polymer electrodes with diameters below 2 µm can be accu-
rately modeled. Note that 1 ms is considered the upper limit for stimulation pulses. Shorter
pulses are preferred because they minimize irreversible faradaic reactions that occur more
rapidly after charging the double layer capacitance. Shorted pulses are more difficult to
measure directly using local field potentials from a pipette because of the limitations of
measuring fast potential transients with inherent parasitic capacitance.
5.3 Final thoughts
Information and control of cells in the brain have either been conducted at one of two ex-
tremes: 1.) Single cell, high selectivity, and low throughput or 2.) one or multiple cells,
low selectivity, and high throughput. This is the case for all types of current techniques,
both invasive and noninvasive. There is no method to control or probe a large population of
individually-targeted cells from several or all parts of the brain. A method to facilitate high
throughput connections to individual cells in the brain is a significant engineering chal-
lenge. The fundamental issue is, really, the vast number of hurdles stacked up that need
to be cleared simultaneously. The ultimate method must be biocompatible, use low volt-
age/current, have mechanical flexibility, be capable of local cell selectivity, have high con-
ductivity, have low surface impedance, be biochemically stable, interface to electronics, be
powered, be implantable, be safe, and meet ethical requirements. Most of these challenges
originate from the hostile nature of the biological environment. A feasible comprehensive
solution is difficult to imagine without large scale genetic engineering, which obviously
approaches the limits of current ethical paradigms. The long-term approach might be a
significant advancement in portable, noninvasive electric field generation from the outside
of the body. Ed Boyden’s group at MIT has recently published work that employs con-
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structive and destructive electric field interference [23], which has potential advantages
similar to what two photon illumination has brought to fluorescence microscopy. How-
ever, the resolution and throughput of this method is still far from connecting to every cell
in the brain simultaneously in a lab setting. But, even single connections to a relatively
small group of cells in a region of the brain would still provide significant insight into the
role of individual cells and neuronal circuits. Deep brain stimulation and recording with
microelectrode arrays have already demonstrated success with basic materials. Work on
bioelectrical materials that are small and flexible do show promise but still face significant
challenges in implementation and reliability beyond the lab setting. Conductive polymer
films, particularly PEDOT:PSS, are imperative for the next generation microelectrode and
will not go away. Their combination of low surface impedance and biocompatibility has,





POLYMER WIRE DIAMETER IMAGE PROCESSING
Image processing in Matlab was used to calculate PEDOT:PSS nanowire diameter. (a)
The SEM image of the PEDOT:PSS nanowire shown in Figure A.1(a) was first rotated,
cropped, and converted to a binary image. (b) The outlined nanowire profile (black), slope
of nanowire profile (blue), and calculated wire diameter (red) are plotted as a function of
x-position along the wire segment. The slope of the nanowire profile was calculated using
a least squares linear regression. The slope line indicates the orientation of the nanowire
in the image. The raw image was rotated until the slope was near zero to ensure accurate
diameter measurements. The diameter was then calculated by subtracting the upper and
lower boundary positions of the wire profile. The diameter for an individual wire was
found from the average of all measured diameter points. The average diameter for each
synthesis frequency was determined to be 0.76 ± 0.22 and 1.50 ± 0.55 µm for 10 and 2
kHz wires, respectively. Surface roughness of the wires affects the electrochemical surface
area in contact with the electrolyte solution. Average surface roughness,Ra, was calculated
using Equation A.1 and was determined to be 17.6 ± 8.3 and 23.4 ± 7.8 µm for 10 and 2
kHz wires, respectively. Surface roughness did not vary significantly between these wire
diameter (p-value = 0.35). Diameter and surface roughness results were determined for n







where N is the number of points along the profile and r(x) is the height of the boundary
measured from the mean y-position of the profile.
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Figure A.1: Representative MATLAB image processing results used to calculate PEDOT:PSS nanowire
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